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Forord 
Dette rapportudkast til en moniteringsvejledning er udarbejdet af Center for Marin Naturgenopret-
ning. Udkastet mangler endelig redigering af rapportstrukturen. Den endelige rapport forventes of-
fentliggjort i løbet af efteråret 2025 og vil blive offentliggjort på Center for Marin Naturgenopret-
nings hjemmeside: https://marinnatur.dk/publikationer/publikationer-fra-centeret/  

  



 

 

Introduction  
This guideline provides an overview of the practical considerations for developing a monitoring 
plan for coastal restoration projects of eelgrass beds, boulder reefs and biogenic blue mussel beds 
in Danish coastal waters. The first step in developing a monitoring plan for restoration of marine 
habitats is to clearly define the goals and objectives of the specific project. These objectives should 
align with the project’s capacity, available resources, restoration and monitoring capabilities. This 
critical step should be completed during the project design phase, prior to the implementation of 
actual restoration activities to ensure the restoration action is appropriately planned. It allows for 
site selection, collection of baseline data, selection of relevant monitoring metrics, and establish-
ment of a timeline for assessing progress. 

For marine restoration efforts to be deemed successful, the project must have the ability to manip-
ulate the ecosystem or habitat to achieve the desired outcomes, as well as evaluate whether the 
intervention has produced those outcomes. Data collection should follow standardized methods, 
be thoroughly analysed, and provide actionable insights to assess restoration success across lo-
cal, regional, and ecosystem-level scales. This approach ensures that monitoring contributes not 
only to evaluate individual projects but also to advance the broader understanding of effective ma-
rine habitat restoration practices and be able to learn from both successes and failures. 

 
Considerations regarding project goals and objectives 
An ecosystem consists of the dynamic complex communities of plants, animals and micro-organ-
isms interacting with the non-living as a functional unit. The interactions within an ecosystem can 
be identified as different functions and services produced by each ecosystem and marine ecosys-
tems supply numerous services daily. The services can be categorised into four overall ecosystem 
services as beneficial interactions to human populations:  

 

• Provisioning services: any type of benefit to people that can be extracted from the marine 
environment e.g. food and building materials.    

• Supporting services: the consistency of underlying natural processes e.g. photosynthesis, 
nutrient cycling and provisioning of habitats necessary to produce all other ecosystem ser-
vices.  

• Regulating/maintaining services: the benefit provided by ecosystem processes that mod-
erate natural phenomena e.g. carbon storage, erosion prevention and climate regulation.  

• Cultural services: non-material benefit contributing to the development and cultural ad-
vancement of people e.g. tourism, recreational, aesthetic, and spiritual benefits. 



 

 

 
Tabel 1. The four main categories of ecosystem services (ES) along with their ecosystem functions are outlined. Se-
lected ecosystem functions for the guideline are either highlighted as key ecosystem functions for the habitats; biogenic 
reefs, eelgrass meadows and boulder reefs and marked with an X, while minor ecosystem services offered by a habitat 
are denoted with an o. 

  

The overall objective in marine habitat restoration projects is to restore lost or enhance degraded 
ecosystem functions (Table 1) to support long-term improvements of the ecosystem services by 
focusing on e.g.  

• Biological or ecological goals: enhancing biodiversity and restoring specific habitats to sup-
port diverse marine life. 

• Enhancing or stabilizing existing habitats: ensuring structural integrity and long-term eco-
logical functionality. 

• Multipurpose objectives: combining ecological outcomes with physical benefits, such as 
shore protection or stabilising sediment. 

The contribution of the different ecosystem services depends on a healthy environment and ensure 
the supporting and regulation services, and therefore these two ecosystem services are often the 
objectives of projects focused on eelgrass, boulder, or blue mussel habitat restoration. 

For example, all three habitats support the ecosystem function ‘habitat enhancement’ and attract 
other species by providing settling ground, food or hiding refuge, which gives potential rise to more 
trophic levels, niche specialisation and individuals of species increasing biodiversity, improving 
ecosystem stability and genetic diversity. All leading to more complex food webs and supporting 
natural ecosystem processes such as water clarity and biogeochemical processes, which further 
support both cultural and provisioning services. 

This guideline offers advice on monitoring ecosystem functions that contribute to supporting and 
regulating ecosystem services. It emphasises monitoring key ecosystem functions in each of the 
three distinct habitats, rather than attempting to cover every possible function in each habitat (Ta-
ble 1). This focus should enable practitioners to develop a monitoring plan that adequately docu-
ments the attainment of the specific objectives of each marine restoration project.  



 

 

Developing a monitoring plan 
A marine habitat restoration project has different opportunities and constrains due to its unique ob-
jectives, partners, budgets and scale, all of which must be factored in, when developing a monitor-
ing plan. For example, the project’s progression and timeline establish the fundamental structure 
for the monitoring strategy. The monitoring plan must align with the project’s main objectives to ef-
fectively track compliance. The budget influence the choice of monitoring design and the variety of 
methods employed. Additionally, the expertise and equipment accessible within the project will 
likely affect the final selection of monitoring techniques. The following sections will provide overall 
recommendations regarding monitoring design, timeline, different monitoring methods and the re-
quirement for expertise for marine habitat restoration projects.  

 

Monitoring design 
The monitoring design should be able to evaluate the impact of the restoration effort but also pro-
vide input to a broader understanding of effective marine habitat restoration practices.  

To assess the impact of the habitat restoration initiatives, it is essential to compare pre- and post-
restoration conditions as well as to control or reference sites that have not undergone restoration.  

 

Baseline data 

Baseline monitoring should always be included and is a key priority in terms of allocation of time 
and budget in any marine habitat restoration project. The monitoring data before establishment 
forms the baseline knowledge and play a critical role in providing information on the condition of 
the site prior to restoration. These data are essential for identifying trends and evaluating changes 
over time. Restoration monitoring activities and metrics should be designed to reflect these goals 
and capture the impacts of environmental changes.  

 

Control site 

Control sites, representing areas in a similar pre-restoration condition but left undisturbed, can 
serve as proxies if pre-restoration surveys are not feasible due to project constraints. However, 
control sites alone are insufficient for evaluating restoration success, as they only provide a basis 
for comparison, indicating whether the restored sites have changed. Incorporating data on the dis-
tance between restored areas and control or reference sites is also important, as spatial proximity 
can influence restoration outcomes and the detection of spillover effects. 

 

Reference sites 

Reference sites, or ‘natural areas’, represent the desired outcome of restoration efforts, illustrating 
what success should look like. However, it can be difficult to find proper reference sites due to deg-
radation of the marine ecosystem, hence the need for restoration. Instead, comparable datasets 
from similar habitats or historical data can be used. Reference surveys should employ the same 
metrics collected at the restoration sites to enable consistent comparisons. 

 



 

 

BACI-approach - Before-After-Control-Impact 

A BACI design allows one to document differences between control areas and ‘restored’ areas (im-
pact area) before and after establishment. Samples from both the control area and the impact area 
should be taken simultaneously. It is important that the control area has similar habitat characteris-
tics, such as sediment, water depth, salinity, and exposure, as the impact area before the habitat is 
established. Furthermore, the control area should be located at a sufficient distance so that the ef-
fects of the restored habitat do not directly affect the control area. After the habitat is established, 
the control area is monitored concurrently with the impact area using identical methods and collec-
tion techniques. 

 

Sampling effort  

The number of sampling events, their frequency, and the overall temporal scale and seasonal time 
of monitoring must be planned to balance cost-effectiveness with the ability to detect meaningful 
trends in restoration outcomes. For statistical considerations regarding monitoring and sampling, 
we refer to Foster et al. 2024.  

 

Timeframe 

Developing an effective monitoring plan for marine habitat restoration requires a clear timeline and 
consideration of monitoring methods to align with the expected ecological and physical changes.  

- Short-term (days to weeks and up to 1yr) monitoring aims to establish a baseline for the 
initial condition of the restored habitat at the time of restoration or shortly thereafter and 
thus is linked to site selection procedures.  

- Mid-term (months and up to five years) monitoring aims to assess colonization patterns, 
biodiversity recovery, and the abundance of species associated to the restored habitats, for 
eelgrass and biogenic reefs, survival, growth and renewal are also assessed. 

- Long-term (>5 years), in addition to the mid-term objectives, monitoring aims to evaluate if 
the restored habitat becomes functionally similar in the ecosystems to a natural wild habitat 
and how the restored habitat integrates into the broader ecosystem, which could include its 
role supporting provisioning and cultural ecosystem services. 

 

Data reporting and quality control 

Standardized protocols for data collection, reporting, and quality checks are important to ensure 
consistency, reliability, and comparability across restoration projects, facilitating informed decision-
making and adaptive management. 

 

Selection of monitoring methods 
Marine habitat restoration projects can be designed to involve either stakeholders (ranging from 
citizens to consultants) initiatives or research efforts led by scientists, depending on the objectives 
and available resources. In both cases, monitoring plays a crucial role in ensuring the effective-
ness of restoration activities and monitoring needs to be conducted by standardised methods and 
protocols to ensure the data collected is reliable and comparable across projects.  



 

 

Regular surveys for tracking progress can be executed using various techniques, from acoustic 
methods covering larger areas to discrete sampling for detailed species-level data or specific pro-
cesses (Table 2). As a result, there is a wide array of monitoring methods, each with diverse re-
quirements such as costs for equipment and tools, deployment options, and the expertise needed 
for operation and analysis. We recommend looking into the ‘Field Manuals for Marine Sampling to 
Monitor Australian Waters’1 providing more details for several of the different methods listed below.  

 

Acoustic methods 

Acoustic methods are often used for mapping habitat coverage and distribution. The purpose is to 
quantify the bottom surface area and/or percentage cover of restored habitats, and thus to deter-
mine both its initial status and subsequent evolution. Versions of side scan and multibeam sonars 
can now be found at lower cost. However, to produce quantitative maps both sonars are costly to 
acquire or contract and require a significant level of expertise and costly software to analyse. This 
is normally not available to non-scientists.  

Side scan and multibeam sonars are active sonars (i.e. emitting and receiving acoustic signals) us-
ing transducer arrays that can be installed on a boat’s hull or other platforms, such as automatic 
underwater vehicles (AUVs), remotely operated vehicles (ROVs) or towfish. Side scan sonars 
sweep the sea floor from side to side covering a relatively large area of the bottom, producing im-
ages with information on both the hardness and relief of the seafloor, but not bathymetry. Side 
scan sonar can be used to produce accurate large-scale maps of the seafloor, for example of ship-
wrecks, underwater structures and marine habitats.  

Multibeam sonars send multiple sonar beams, fan-shaped from below to the sides, that are re-
ceived by multiple transducers. Multibeam sonars provide information on depth and backscatter 
from both features in the water column (e.g. fish or gas bubbles) and bottom (e.g. rocks or sedi-
ments). Multibeam sonars allow to create both bathymetric, hardness, and roughness 2D or 3D 
large-scale maps of the seafloor but are often expensive. 

 

Visual methods 

Visual surveys, either video or photography, provide a complementary validation of coverage maps 
produced using acoustic methods but also to identify associated species. Visual methods can pro-
vide high-resolution video or photographic records of the seafloor, are cost-effective and easy to 
operate but cover smaller areas than acoustic methods. Furthermore, they can be used for species 
identification of both sessile and mobile fauna. The cost and availability of high-quality underwater 
cameras and platforms (both mobile and static setups) have improved significantly in the last dec-
ade, making them an option for non-scientific stakeholders. However, if used for quantitative map-
ping, visual methods require specialized knowledge and software (e.g. photogrammetry), often 
costly, to produce georeferenced mosaics of videos or photos. 

Visual methods provide advantages to direct physical sampling (e.g. by divers), particularly cover-
age of a significantly larger area, are faster and easy to use, and are not necessarily more costly. 

 
1 https://marine-sampling-field-manual.github.io/ 



 

 

However, they also have important disadvantages that can significantly restrict sampling e.g., re-
duced visibility and image analysis can be labour intensive and are not quantitative unless scaled 
(e.g. with lasers or other markers).  

 

Discrete sampling  

Discrete benthic or water samples of species or environmental parameters like oxygen, tempera-
ture, salinity, nutrient levels, chlorophyll etc. provide detailed information about the development of 
the number and abundance of species or the biogeochemical processes and rates by repeated 
sampling at representative fixed locations. Identification and quantification of species are often col-
lected by direct sampling techniques such as diver quadrat or grabs/corers sampling, or visual 
sampling such as with drop down, ROV or diver cameras. Both physical or visual sampling meth-
ods can be conducted by trained non-scientists or by experts and similar for collection of physical 
water samples. Analysis of the biogeochemical processes in the sediment or the water-sediment 
interface will require experts but the collection of e.g., corers can be done by instructed non-scien-
tists.  

 

Sensors/loggers  

Environmental indicators like chlorophyll concentration, nutrient levels, light conditions and dis-
solved oxygen are collected to estimate water quality and nutrient dynamics. These indicators can 
be monitored using various sensors or loggers, allowing collection on both larger spatial and tem-
poral scales. Sensors can facilitate either periodic or continuous monitoring at site over extended 
periods, which is essential for gathering time series data. The wide array of sensors coupled with 
software for straightforward deployment and data processing allows users to choose cost-effective, 
but often expensive, and easy-to-use options making them accessible even to non-experts. Fur-
thermore, environmental monitoring sensors and loggers typically require minimal maintenance 
and can offer high temporal resolution data. However, the sample space for most sensors is within 
a few cm from the sensor-water interface, so the spatial representation is limited to a single point in 
the water column. Therefore, employing additional sensors across different depths and locations 
can be beneficial. 

A major operational consideration for fixed sensors is biofouling management. Obstruction by bio-
films or sessile organisms of the sensor face will quickly degrade the signal quality to a point where 
data is useless (Figure 1). Antifouling coatings and brushes are variably effective for medium term 
(<1 month) deployments during times of heavier fouling (spring-autumn); manual cleaning is chal-
lenging to avoid. Regular calibrations with controlled materials or field samples are essential com-
ponents of data quality control. 

 



 

 

  
Figure 1. Barnacles and mussels fouling a sensor. Photos: Daniel Taylor. 

 

Remote sensing by satellite or aircraft 

Projects including experts can incorporate advanced tools such as remote sensing and can include 
e.g., hydrodynamic or habitat modelling to enhance monitoring efforts. Remote sensing, using sat-
ellites or aerial platforms, generates large-scale seafloor maps, tracks habitat or shoreline changes 
over time but can also be used to monitor environmental parameters like surface chlorophyll-a con-
centrations, turbidity, epiphytes and algal blooms. These methods provide invaluable data on tem-
poral and spatial changes over time but can also provide data on wave energy dissipation and sed-
iment mobility, critical indicators of coastal protection effectiveness.  

 



 

 

 
Table 2. Examples of different monitoring methods and their strengths and limitations.  

 

How to use this guideline 
In the following sections specific guidelines and recommendations for monitoring of each of the 
habitats ‘biogenic reefs’, ‘eelgrass beds’ or ‘boulder reefs’ are provided. In each of the sections es-
sential and complementary methods are listed. This approach ensures robust monitoring across a 
range of resource levels while maintaining flexibility and inclusivity.   

Essential methods are those that must be carried out in all monitoring efforts, regardless of 
whether they are led by citizen scientists or experts, as they provide the baseline data necessary 
for assessing restoration success.  

Complementary methods offer additional insights and can be included to enhance the details and 
depths of the data collected. Some of the complementary methods can be carried out by non-ex-
perts but often they require involvement of experts or sophisticated equipment.  

It is essential to ensure that the monitoring plan is tailored to the distinct goals and objectives of 
each restoration initiative, considering the project's capabilities, available resources, and restora-
tion potential. Consequently, selecting the ecosystem functions associated with a particular project 



 

 

and choosing suitable monitoring techniques is crucial to be able to document the impact of the 
restoration effort and the achievement of the objectives of the project. 

 

Data documentation, format and storage  
To maintain consistent data collection, it is important to employ standardised methods and store 
the data in a well-organized, ideally publicly accessible database. This approach not only aids in 
evaluating individual projects but also enhances a wider understanding of effective marine habitat 
restoration strategies, allowing insights from both successes and failures. Metadata, which details 
the data, should be comprehensive enough to enable other researchers to locate, utilize, and inte-
grate additional data equivalent methods. Thus, it is advised to adhere to national or international 
standard monitoring methods, protocols, and templates, considering the following critical elements 
when collecting or creating data:  

- Name of the dataset or research project that produced it and a contact person for further 
information.  

- Title, keywords or phrases of the data should be informative and describe the subject or 
content of the data.  

- Methodology used and how the data was generated, including equipment, software used, 
experimental protocol etc.  

- Location, where the data was collected, number of stations, replicates or other record infor-
mation about its spatial coverage/distribution.  

- Dates, project start and end date, specific sampling dates, time covered by the data and 
potential data modification date.  

- Add information about if and how the data has been altered or processed, including expla-
nation of codes, abbreviations, or variables used in the data.  

- Make a note how the data is organised.  

The overarching aim is to ensure the data is archived and accessible for other projects and follow-
up initiatives. As a result, descriptions of the data and its methods should be replicable and compa-
rable. 

 

References 
Foster SD, Monk J, Lawrence E, Hayes KR, Hosack GR, T. Langlois, Hooper G & Przeslawski R. 2024. Sta-

tistical considerations for monitoring and sampling. In Field Manuals for Marine Sampling to Monitor 
Australian Waters, Version 3. Przeslawski R, Foster S (Eds). National Environmental Science Program 
(NESP). 

   



 

 

Biogenic reef  
To evaluate the progress of restoration work, it is crucial to contrast conditions before and after 
restoration. The baseline data gathered offer essential insights into the site's state before restora-
tion begins. Consequently, baseline data must be collected prior to starting restoration efforts and 
should at least include information on the presence and abundance of key species intended for 
restoration, alongside an evaluation of surrounding biological and environmental habitat conditions. 
Post-restoration monitoring should encompass short-term, mid-term, and long-term observation to 
assess and record the progress of ecosystem functions and services provided by the restored 
mussel beds as it evolves with time.  

Short-term: Monitoring the restored mussel beds for a period ranging from a few months to a year 
post-relay will yield insights into initial mussel mortality rates and changes in their spatial distribu-
tion. The impact on local water clarity will be noticeable right after the mussels are relayed but will 
vary over time with changes in mussel biomass e.g., due to growth, mortality, and recruitment dy-
namics. The influence on biodiversity occurs over varying timescales, dependent on the life cycles 
and biology of related species; for instance, epifauna often settle in spring, while the restored mus-
sel beds may immediately serve as both a food source and shelter for mobile organisms.  

Mid-term: Between 1-5 years post-relay, it is expected that the mussel beds will support a greater 
diversity of associated infauna, epifauna, flora, and mobile species, fostering more intricate food 
webs and sustaining ecosystem functions such as water clarity and biogeochemical cycles. 

Long-term: After five years, the mussel beds are anticipated to exhibit signs of stability and new 
mussel recruitment or indicate a potential need for replinishing the restored beds. This contributes 
to the increased resilience of the ecosystem by supporting natural ecosystem functions like water 
clarity, biogeochemical processes, and enhancing biodiversity including potentially more long-lived 
species. 

 

Monitoring restored reef-bed performance 
The restoration of biogenic bivalve reefs and beds contributes to the ecosystem function/service 
species enhancement and habitat enhancement, which is the fundamental objective of biogenic 
reefs and habitat restoration actions. These two functions in turn support the production of other 
ecosystem functions and services.  

 

Monitoring of bed performance focuses on evaluating how large, how much, and where if the reef-
bed survives, it grows and renews itself, eventually becoming functionally like a natural wild bed. 
Monitoring covers four indictors/parameters:  

• Reef-bed habitat coverage (essential) 
• Abundance and survival (essential) 
• Size, growth, and recruitment (complementary) 
• Larvae production and maturity (complementary)  

 

The first two indicators are essential and must be carried out in all monitoring programs. The last 
two indicators are complementary and provide additional information that allow a better under-
standing and detailed knowledge in expert lead studies. 



 

 

The monitoring approach and design depend on the species biology (e.g. growth, reproductive bi-
ology, longevity) and on the objectives, resources and expertise available in the restoration action. 
These will define the choice of sampling methods, frequency and timeline, as well as data anal-
yses.  

 

Methods for monitoring biogenic reef-bed habitat coverage  
Biogenic reef-bed habitat coverage is an essential indicator of bed performance. The purpose is to 
quantify the bottom surface area and percentage cover of restored biogenic reefs-beds, and thus 
to determine both its initial status and subsequent evolution. Monitoring methods (table 3) are 
acoustic (side scan sonar or multibeam sonar) or visual (drone, remotely operated vehicle (ROV), 
sledge, drop-down, diver cameras or visually estimated by divers). Visual methods are easy to 
use, fast and cover a large area. However, visual observations are limited by reduced visibility and 
can only measure what is observed. For detailed information for monitoring blue mussel beds, we 
refer to Nielsen et al. 2024 and the technical guideline TA no. M21 ´Filtrerende organismer´2 for 
monitoring the marine environment, which have been prepared for the Danish Environmental Pro-
tection Agency by the Marine Data Centre. 

 

Methods for monitoring abundance and survival 
Monitoring abundance over time, as the number of individuals and biomass per m2, of the restored 
species, allows to follow the evolution of total biomass, mortality and survival of a restored biogenic 
reef-bed or habitat. Thus, monitoring abundance is essential to evaluate both the ecosystem func-
tion species and habitat enhancement as well as the success and performance of the restoration 
action. Furthermore, abundance data is essential to validate coverage maps obtained with acoustic 
or visual methods and to produce accurate estimates of the evolution of the actual bottom area 
and percentage coverage of live individuals. Samples taken for abundance can also be used to es-
timate growth and recruitment (see below). 

Abundance can be monitored using direct sampling techniques such as diver quadrat or grabs/cor-
ers sampling, or visual sampling such as with drop down, ROV or diver cameras. Both physical 
and visual sampling methods can be conducted by trained non-scientists or by experts. 

 

Frame, grab or corer sampling 

Diver or grab/corer sampling are common and reliable methods that sample a defined surface area 
and produce absolute measurements of the number of individuals and biomass. Diver sampling 
allows targeted sampling of small-scale structures or features of the restored reef-bed or habitat, 
often an advantage in a highly patchy habitat, but has time and depth operational limitations. Sam-
pling with grabs/corers requires higher sampling intensity, even though they are easy to operate, 
they are costly to acquire and require vessels equipped to operate frames that can weigh tens to 
over hundred kg. Physical samples need to be sorted, identified, counted and weighed.  

 

 
2 https://ecos.au.dk/fileadmin/ecos/Fagdatacentre/Marin/TA_M21_Filtrerende_organismer_ver1.pdf 
 



 

 

Visual methods 

Visual methods are easy to use, fast and cover a large area but can only measure what is ob-
served. Thus, measurements of the abundance of live individuals from visual methods can have 
large errors and only indirectly estimate biomass from counts and size, if size-weight relationships 
are available.  

 

Methods for monitoring of size, growth and recruitment 
Monitoring of the individual size structure of a restored species over time provides complementary 
information other than abundance and survival to evaluate the performance and success of the 
restoration action. Information on growth (i.e. increase in shell dimensions and weight) can thus be 
obtained, evaluating how individuals perform in their new habitat from the moment of restoration. In 
addition, changes in size structure of a population, through length cohort analysis, can evaluate the 
occurrence or absence, and magnitude of natural recruitment to the restored biogenic reef-bed or 
habitat. This is a longer-term indicator of success and performance of the restoration of biogenic 
reefs-beds and habitats. 

Monitoring of growth and recruitment must consider its seasonal variation, which can vary by loca-
tion. In Danish waters, growth in almost all bivalve species is strongly seasonal with a marked re-
duction or complete stop in growth over autumn and winter due to limitation in food supply. While 
recruitment occurs over late spring and summer. Annual growth and recruitment should thus be 
monitored and evaluated at the end or after the growth and recruitment seasons (Oct-Nov).  

 

Size, growth and cohort analysis 

Physical samples are collected using divers or grabs, which are then sorted, and mussels are 
measured onshore or on board of the sampling vessel using callipers. Alternatively, video and digi-
tal methods can be used to measure size. A minimum number of individuals (100 per sample) 
needs to be measured to produce an accurate measurement of the size structure of a population. 
Growth is the increase in shell dimensions over time. The occurrence of natural recruitment is de-
termined by the appearance of a small cohort with sizes corresponding to that of recently settled 
individuals (<20 mm), and thus different that individuals introduced at the restoration action.  

 

Recruitment and reproductive potential 

Monitoring or estimating larvae production and contribution to reproductive potential provides com-
plementary information to evaluate the long-term success and performance of the restoration ac-
tion. This can be done by i) performing a desktop review of reproductive maturity and fecundity of 
the restored species relative to size and age and reproductive strategies. From this knowledge to-
gether with abundance and size structure of a restored biogenic reef-bed or habitat it is then possi-
ble to estimate its spawning reproductive potential and larvae production or ii) verifying and deter-
mining the gonad maturity level of individuals in the restored biogenic reef-bed and habitats over 
time as well as the presence of larvae in the water column. Maturation of gonads can be easily de-
termined by dissecting individuals and visually assessing the gonads or using a microscope if 
needed. Quantification of gametogenesis maturity stage requires expert knowledge and expensive 
histological techniques. The presence of bivalve larvae can be assed from water samples or eDNA 



 

 

samples but requires expert and often expensive techniques and may include larvae produced 
elsewhere than the restored biogenic reef-bed or habitat. 

 



 

 

Table 3. Monitoring of ecosystem function provided by biogenic reefs: Restored reef-bed performance. Indicator: Evolution, stability, resilience and performance of restored 
biogenic habitats 

Supporting 
ES 

Ecosystem 
Function  

Indicator Product Method 
Scientific 

(S) 
Non- Scien-

tific (N) 

Expertise 
level: Spe-

cialist 
(S) Volun-

teer (V) 

Essential 
(E) 

Comple-
mentary 

(C) 

Scale Strength Weakness Processing Level 
Units 

Timeframe 
Frequency 

Perfor-
mance Cri-

teria 

 
Perfor-
mance of 
restored 
reef-bed 

Reef-Bed 
habitat cov-
erage 

Maps or images, quantification 
of bivalve reefs-beds area and 
bottom coverage, spatial distri-
bution, patchiness and aggre-
gation 

Side scan so-
nar S S E m to km Common methods, fast ac-

quisition and processing, 
large area coverage 

Expert, expensive equip-
ment  
and analysis, weather and 
depth dependent, Limits in 
shallow areas. 

Quantitative, expert 
% coverage, m2 

Before restora-
tion 
 
After restora-
tion 
 
Sub-annually if 
required 
 
Annual follow 
up 

No major re-
ductions in 
area/cover-
age, i.e. sim-
ilar distribu-
tion to wild 
reefs-beds. 
 

Multibeam S S C m to km 

Drone camera N V C m to 100 m 

Direct visual assessments, 
easy to use, cost effective, 
large area coverage 

Expert and slow quantita-
tive analysis, large volume 
of data, no physical sam-
pling, limited by what can 
be observed on surface, 
small coverage on occa-
sions. Challenges with visi-
bility. 

ROV camera N V C m to 100 m 
Sledge camera N V C m to 100 m 

Drop down 
camera N V C 

m to 100 m 

Diver camera N V C 
m to 100 m Direct visual assessments, 

detailed, common, tar-
geted 

Limited area, not neces-
sarily random. Limited by 
visibility. 

Diver direct vis-
ual estimation N V C 

M to 100 m Direct visual assessments, 
detailed, common, tar-
geted 

Limited area, not neces-
sarily random. Limited by 
visibility. 

Abundance 
and survival 

Quantification of density and 
biomass of live mussels, sur-
vival and mortality in the reef-
bed 

Diver quadrat N V  E  m Direct sampling, detailed, 
common, targeted  

Limited area, not neces-
sarily random 

Quantitative, expert  
Number/m2, g/m2, 
kg or tonnes, % 
live, % dead, mor-
tality At restoration 

 
1-3 months af-
ter 
 
Annual follow 
up  

Stable or in-
crease, 
no major re-
duction, i.e. 
like wild 
reefs-beds 
Like natural 
mortality 

Grab/corers/ 
haps S S C m Direct sampling, reliable, 

common, fast 

Expert. expensive equip-
ment, limited area, non-tar-
get sampling 

Drop down 
camera N V C m to 100 m 

Direct visual assessments, 
easy to use, cost effective, 
large area coverage 

Expert and slow for quanti-
tative analysis, large vol-
ume of data, no physical 
sampling, limited by obsta-
cles and what is observed 
on surface, small coverage 
on occasions 

Qualitative, expert  
Number/m2, % live, 
% dead, mortality 

ROV camera N S C 

m to 100 m 

Diver camera N V C 
m to 100 m Direct visual assessments, 

detailed, common, tar-
geted 

Limited area, not neces-
sarily random 

Size, growth 
and recruit-
ment 

Assessment of population 
structure, growth and the oc-
currence of recruitment 

Diver quadrat S V C m Direct sampling, detailed, 
common, targeted  

Limited area, not neces-
sarily random 

Quantitative and 
qualitative, expert 
Number of cohorts, 
length (mm, cm), 
mm/year, g/year, 
number spat/m2, 
presence/absence 
of spat/new cohort 

At restoration 
 
Annual follow 
up in spring-
summer  

Minimum 2 
cohorts, 3 
cohorts for 
blue mussel 
reef criteria 
Shell-length 
growth 
Presence of 
spat 

Grab  S S C m Direct sampling, reliable, 
common, fast  

Expert. expensive equip-
ment, limited area, non-tar-
get sampling 

Desktop study 
on potential re-
production 

S S C Reef 

Easy, based on previous 
existing knowledge of spe-
cies maturity and repro-
duction  

Limited knowledge, not 
same geographical loca-
tions or systems, assumes 
fecundity and larvae pro-
duction 

Quantitative, expert 
Larvae total 

Water samples S S C m Reliable, common 
Expert processing and 
analysis, limited spatial 
and time resolution 

Quantitative and 
qualitative, expert 
Larvae/l 

Gonad/maturity S S C m 
Reliable, easy sampling 
and evaluation for matura-
tion assessment 

Expert. expensive pro-
cessing and analysis for 
quantification of gameto-
genesis level 

Quantitative, expert 
maturity or spawn-
ing 



 

 

Monitoring biodiversity enhancement 
Biodiversity represents a critical ecosystem function and increased biodiversity often constitutes a 
primary objective in the implementation of nature restoration projects. Species biodiversity is sup-
ported by a wide array of organisms, necessitating the employment of various sampling methods, 
as no single method is capable of sampling all the distinct groups of organisms comprehensively. 
Organisms can be categorized into three very broad groups according to their fundamental charac-
teristics:  

i) Infauna species, which live in the sediment.  
ii) Sessile epifauna species and macroflora, which attach to the shells. 
iii) Mobile macrofauna, which utilise the three-dimensional structure of the mus-

sel bed for purposes such as hiding, nursery or feeding.  
 

In this section a range of options that may effectively sample one or more of the three organism 
groups are outlined (table 4). Selecting the most appropriate methods for documenting species bi-
odiversity depends on the aims of the project and the resources and expertise available. It is there-
fore important to consider sampling design, timeline and sampling frequency before initiating the 
sampling (for more details see relevant sections above). Furthermore, it is important to consider 
the seasonality, as the number of species present will change over the year, thus using a recurrent 
sampling period to be able to compare and monitor progression over the years.  

Identifications of species to fine taxonomic levels are time consuming and require significant exper-
tise within the project group or economic recourses for consultants and might therefore not be pos-
sible. If resources or expertise are lacking within the project group, we recommend focussing on 
counting the number of species or groups (e.g., worms, bivalves, echinoderms, crustaceans) pre-
sent instead. However, identifying to the species level enables the characterization of their biologi-
cal traits and, consequently, the functional diversity of the species community. 

 

Methods for sampling infauna species 
Infaunal species living in soft sediments are other bivalves, snails, polychaetes, worms and small 
crustaceans, where they contribute to biodiversity and are indicators of ecosystem health. Due to 
the potential patchiness in the infauna distribution and the small volume collected during sampling, 
it is recommended to take more than four replicates per site, and ideally up to ten. A power analy-
sis should be done to calculate the optimal number of replicates in function of budget limitations. 
For detailed information for collection of infauna samples we refer to the technical guideline TA no. 
M19 ´Blødbundsfauna´3 for monitoring the marine environment, which have been prepared for the 
Danish Environmental Protection Agency by the Marine Data Centre as well as the Field Manuals 
for Marine Sampling to Monitor Australian Waters.  

 

Sediment cores – divers or Haps 

The advantage of sediment core is to maintain the vertical structure of the sample analysed. It al-
lows to subsample at different depths of the core to study the distribution of the species. Sediment 
cores (area: 0.01-0.02 m2) can be collected by divers or operated from boats. It is recommended to 

 
3 https://ecos.au.dk/fileadmin/ecos/Fagdatacentre/Marin/TA_M19_Bloedbundsfauna_ver3.pdf 
 



 

 

take multiple randomised cores within both control and impact areas. Haps core can be used from 
a boat to allow infauna sampling without divers. After collection, the core samples should be sieved 
(e.g. 1mm sieve) and the animals preserved in 70% ethanol and later sorted and analysed in the 
laboratory.  

 

Grab samples 

The advantage of the grabs is that large volumes can be taken, but the integrity of the vertical 
structure of the sediment is not kept. Samples are usually homogenised, thus overlooking the po-
tential depth vertical gradient of species distribution. Grabs, van Veen or box corers (area: ³0.1 m2) 
are operated from boats. There are different sizes, and the most common can be quite heavy and 
hard to operate from smaller boats. They have a larger sampling volume to sort and analyse for 
infauna compared to cores and therefore they might catch the distribution variability of the species 
in a better way than cores, and thus fewer samples might be needed. The grabs are often more 
difficult to sample within the mussel bed itself, as they might slide and not penetrate the sediment. 
The processing of the sediment follows the same procedure as the cores.  

 

Environmental DNA (eDNA) 

Debris, mucus, faeces and other material from organisms can be detected in the environment us-
ing eDNA techniques. eDNA can be sampled at a large scale, are efficient to identify organisms at 
low densities and organisms that are missed with other sampling methods can often be detected 
with eDNA sampling. On the other hand, eDNA sampling faces challenges with quantifying species 
abundance and the risk for false positives and negatives due e.g., to transport of eDNA to an area 
or former presence of species. Collected sediment samples should be stored e.g., at 4 °C immedi-
ately after sampling before the samples are analysed in the laboratory. The eDNA analysis result 
in absence/presence observations of the target species. Quantification of abundance of individuals 
is not possible and only species already in the database can be identified. The eDNA analysis re-
quire specialised equipment and experts and can therefore often be rather expensive and further-
more, it is recommended to complement with other methods for comparison. We are referring to 
De Brauwer et al. 2023 for more details about eDNA biomonitoring.  

 

Methods for sampling epifauna species and macroflora 
Monitoring the biodiversity of sessile epifauna and macroflora species necessitates an adequate 
spatial distribution over the restored beds. The recording of sessile epifauna and flora depends on 
whether their growth pattern is colonial or solitary. Colonial species such as sponges, bryozoans or 
encrusting organisms are recommended to be assessed as percent cover, while solitary species 
are counted as number of individuals per area. Furthermore, the potential variation in mussel den-
sities across the mussel bed should be considered as transect methods might be better in areas 
with low mussel densities and discrete sampling methods with small and intense samples is better 
in areas with high mussel densities. Likewise, monitoring invasive species, predators or competi-
tors might be crucial in some areas to understand the ecological dynamics and interactions in mus-
sel bed development. Further details regarding sampling epifauna and macroflora on hard sub-
strate can be found in the technical guideline TA no. M17 ´Fauna på kystnær hårdbund´4 and TA 

 
4 https://ecos.au.dk/fileadmin/ecos/Fagdatacentre/Marin/TA_M17_Fauna_paa_kystnaer_haardbund_ver2.pdf 



 

 

no. M12 ´Makroalger på kystnær hårdbund´5 for monitoring the marine environment, which have 
been prepared for the Danish Environmental Protection Agency by the Marine Data Centre. 

 

Quadrat sampling by SCUBA diver 

The quadrat (0.05-0.6 m2) is randomly place by the diver at multiple locations with the mussel beds 
and in control areas. All alive organisms and shells are collected in each quadrat sample by the 
diver. Each sample is sorted into species groups, and all sessile organisms are identified to the 
lowest taxonomic level possible and enumerated per sample. Organisms that cannot be removed 
without being destroyed (e.g., barnacles) should just be enumerated. For each sample, record the 
total wet weight (g) and number for each species. If other bivalves or species of interest are ob-
served measure morphometric shell length/shell height of all or minimum of 30 individuals of each 
species.  

 

Grab samples  

Details see infauna sampling  

 

Video transects by SCUBA diver or Remote Operated Vehicles (ROVs) 

Underwater visuals using divers (SCUBA or snorkelling), remote operated vehicles (ROVs) or 
towed video sledges (Figure 2) are useful to assess the abundance of epifauna and macroflora, 
especially in areas with no strong currents or poor visibility. Transects should be pre-defined at 
random locations across the mussel bed and the control site. To assess the number of species 
identified per surveyed area, a consistent field of view and an accurate scale are required to meas-
ure the field of view. This can be achieved by using laser pointers (sledge or ROV) or frame 
(diver), which must be pre-calibrated to determine both the field of view and the scale before de-
ployment. Furthermore, it is important to keep a fixed distance typically <1 m from the seabed dur-
ing the survey when visibility conditions are limited. For best conditions for analysing the videos, 
the transects must be surveyed at very slow speed e.g., 1-2 minutes per 10 m transect for divers 
or maximum speed of one knot for towed sledges and only species observed within the lasers or 
frame is included in the analysis. The total length of each surveyed transect is reported by either 
video systems or ROVs equipped with acoustic systems and GPS to plot the position or by 
handheld GPS/smartphone. The area covered (m2) are calculated based on the distance travelled 
(e.g., start and end GPS positions or course plot/average speed) and the field of view. Furter infor-
mation can be found in the Field Manuals for Marine Sampling to Monitor Australian Waters6 

 

 

 
5 https://ecos.au.dk/fileadmin/ecos/Fagdatacentre/Marin/TA_M12_Makroalger_paa_kystnaer_haard-
bund_ver3.pdf 
6 https://marine-sampling-field-manual.github.io/ 



 

 

 
Figure 2. Schematic view of underwater video transects monitoring methods for blue mussel reefs. AI-generated image 
by OpenAI 2025.  

 

Drop-down camera with quadrat 

Sessile epifauna and macroflora can be assessed through analysis of images of quadrats taken by 
drop-down cameras or by divers. Before capturing images, the camera must be positioned to cover 
the entire quadrat or a known area within its field of view. The sample locations should be ran-
domly pre-assigned but the actual position (GPS coordinates) and water depth at each sampling 
locations should be recorded for georeferencing. At each station the drop-down camera is gently 
lowered until it reaches the seabed. Wait a few minutes for resuspended sediment to settle before 
capturing the image. 

Post-analysis to assess/identify species and coverage require a trained person with targeted spe-
cies identification skills and can often be supported by specific software tools. 

 

Environmental DNA (eDNA) 

Details see infauna sampling  

 



 

 

Methods for sampling mobile fauna 
The mussel beds can provide shelter, nursery or feeding habitat for mobile fauna such as fish, 
crustaceans and contribute to biodiversity and is an indicator of ecosystem health, while recordings 
of predators e.g., crabs, lobsters or starfish might be crucial in some areas to understand the eco-
logical dynamics and interactions of the survival of the mussel beds. Mobile organisms can be diffi-
cult to monitor by using mobile methods, as the movements of divers or towed sledges might scare 
them away or the mobile is so small that they are difficult to see or catch. Therefore, it can be ben-
eficial to use static methods to monitor mobile organisms associated to the mussel beds.  

 

Static video camera systems - baited or unbaited 

Underwater video systems are a powerful and efficient tool for monitoring mobile macrofauna if the 
visibility allows. Remote underwater video (RUV) can be either baited (BRUVs) or unbaited. The 
baited systems might be an advantage in areas with low visibility. Each setup consists of a 
weighted frame, cameras and waterproof camera housing and for BRUVs also a bait arm and bait 
cage/bag. It is recommended to use cameras with full, high-definition resolution >1080 for better 
species identification, a capture rate of >30 frames per second to reduce blur from fast moving 
species and medium field of view to limit distortion in the image. For stereo-setup (see below), 
video stabilisation of the cameras must be disabled to maintain the calibration and furthermore, it is 
recommended to use a fixed focal length to facilitate measurements of species both close to and 
far from the camera setup.   

The (B)RUV can be either mono-setup or stereo-setup, where the stereo-setup allows for fish 
lengths to be measured but requires calibration to ensure that any length measurement based in 
the recordings from both cameras are accurate. Pre-calibration before deployment and potentially 
also post-calibration after retrieving the RUVs is recommended, as any shift of the position, angle 
etc. of the camera during the field work will result in wrong length measurements. A calibration 
should include information about the distance between the base of the housings, the angle of each 
camera and lens distortion and each stereo-setup should be calibrated separately. 

The distance between individual (B)RUVs will depend on the mobility of the species, the habitat 
being studied and the timeframe for the deployments but are typically >200 m to reduce the likeli-
hood of individual animals being sampled by adjacent (B)RUV systems. The GPS coordinates at 
each location should be recorded. The timeframe of recordings can either be continuous for e.g., 1 
h after reaching the seafloor (remember to note the time of deployment or have the correct camera 
time) or record in short time intervals (few minutes) e.g., every hour during daylight until retrieving. 
Allow an initial short adaptation time (e.g. 15 minutes) at the start of each deployment for the fauna 
to adapt to the presence of the (B)RUVs. Data analysis of the video footage should be processed 
to measure species abundance and diversity, the maximum number of individuals per species 
(max N) recorded per timeframe (depends on the time settings). More information can be found in 
the Field Manuals for Marine Sampling to Monitor Australian Waters chapter 57 and 68.  

 

Video transects by SCUBA diver or Remote Operated Vehicles (ROVs) 

Details see epifauna species and macroflora sampling 

 
7 https://benthic-bruvs-field-manual.github.io/ 
8 https://pelagic-bruvs-field-manual.github.io/ 



 

 

Drop net by diver 

Drop net is like the method ‘Quadrat sampling by SCUBA diver’ except a net (xx mesh size) with 
floats (to keep the net from collapsing) is attached to the quadrat (0.5-0.8 m2). As such, the drop 
net allows to isolate specific areas of the bed including mobile invertebrate species and sessile or-
ganisms (benthic epifauna). All alive organisms and shells are collected within the net. Mobile spe-
cies are captured using a smaller net with the same mesh size as the drop net itself. The smaller 
net is dragged over the bottom within the drop net multiple consecutive times until all invertebrate 
individuals have been caught. If three consecutive drags across the entirety of the bottom contains 
no individuals the net is assumed to have been emptied. The samples can be frozen until analysis 
of species and abundance in the laboratory. 

 

Traps (fyke-nets, pots) mark and recapture sampling 

Fish and large crustaceans can be captured by deploying fyke nets or baited pots. Fyke nets can 
capture fish swimming from either direction toward the nets, whereas pots often are used to cap-
ture crustaceans like lobsters and crabs. The nets and pots should be deployed at random loca-
tions within the mussel bed and control sites, and it is recommended to cover both day and night 
sampling. Cameras can be deployed at the nets and pots to record escapes and catch successes.  

Ethical and animal welfare review (e.g., soak time, gentle removing of organisms from the nets and 
traps and storage until species identification) will be required for all methods involving fish sam-
pling and considered for crustaceans. All mobile organisms should be released afterwards. Sam-
pling using pots and nets provides catch rates (catch per unit effort, CPUE) that are related to 
abundance, and function as a relative abundance/density indicator. To estimate abundances (e.g. 
number per area) using traps, a capture-mark-recapture approach must be used (e.g. Chapman, 
1951; Munch and Petersen, 1982; Schwarz and Seber, 1999).  

 

Environmental DNA (eDNA) 

Details see infauna sampling  
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Table 4. Monitoring of ecosystem function Biodiversity enhancement provided by biogenic reefs. The table highlights key parameters, data outputs, expertise levels 
required (volunteer or specialist), the essential or complementary nature of methods, scale of application, timeframe, and associated strengths and weaknesses. 

Supporting 
ES  

Ecosystem 
Function  

Indicator Product Method 

Scientific 
(S) 

Non-scien-
tific 
(N) 

Expertise level:  
Specialist (S) 
Volunteer (V) 

Essential (E) 
Complementary 

(C) 
Scale Strength Weakness Processing Level 

Units  
Timeframe  
Frequency 

Perfor-
mance Cri-

teria 

Biodiversity 
enhance-
ment 

Species abun-
dance, composi-
tion, richness/ 
diversity/ 
evenness 

INFAUNA 
Species iden-
tification and 
quantification 
of density and 
biomass 
  

Sediment cores 
Recommended 
sampling time: 
Spring.  S/N V/S E m 

Reliable, common and 
fast. Flexibility in assess-
ment e.g. volunteers can 
just do number of species 
or groups 

Small sampling area, mul-
tiple samples, expensive 
equipment by boat. Exper-
tise for fine taxonomic lev-
els, time-consuming. 

Number of species per 
sediment volume. 
List of species/groups 
identified. 
Biomass/species/groups 
per area sampled indi-
viduals/m2, wet weight or 
dry weight g/m2 

Before restora-
tion. 
 
1-2 months af-
ter reef estab-
lishment  
 
Follow-up ~1 yr 
after reef es-
tablishment 
(same sea-
son). 
 
Annual thereaf-
ter. 
 

Short term 
(1-3 yrs):  
Indication of 
higher biodi-
versity and 
abundance 
on restored 
sites com-
pared to 
control sites.  
Long term 
(>5 yrs.): 
Statistically 
higher biodi-
versity and 
abundance 

Grab  
 
S S C m 

Reliable, common and 
fast. Larger sampling vol-
ume compared to cores.  
 

Unsuitable in areas with 
stones/dense mussel 
beds. Require larger boats 
and experts, expensive 
equipment, limited area, 
non-target sampling. Time-
consuming post pro-
cessing of samples.  

eDNA S  S C 
m-
100m 

Fast sampling, cover large 
areas, good snapshot of 
the community.  

Expert, expensive analy-
sis, quantification uncer-
tain 

Presence/absence 

EPIFAUNA & 
MACROFLO
RA 
Species iden-
tification and 
quantification 
of density and 
biomass 
 

Diver quadrat N V E m 
Direct sampling, detailed, 
common  

Limited area, require di-
vers/snorkelers 

Biomass/species/groups 
per area sampled ind/m2  
wet weight g/m2 or or dry 
weight g/m2 Before restora-

tion. 
 
1-2 months af-
ter reef estab-
lishment  
 
Follow-up ~1 yr 
after reef es-
tablishment 
(same sea-
son). 
 
Annual thereaf-
ter.  
  

Short term 
(1-3 yrs):  
Indication of 
higher biodi-
versity and 
abundance 
on restored 
sites com-
pared to 
control sites.  
 
Long term 
(>5 yrs.): 
Statistically 
higher biodi-
versity and 
abundance 

Grab S S C m 
Reliable, common and 
fast.  

Unsuitable in areas with 
stone/dense mussel beds. 
Require larger boats+ex-
perts, expensive equip-
ment, limited area, non-
target sampling. Time-con-
suming post processing of 
samples. 

Number of species/m2.  
List of species/groups 
identified. 
Biomass/species/groups 
per area sampled ind/m2, 
wet weight g/m2 or or dry 
weight g/m2 

Video transects 
(ROV, sledge or 
diver)  N V/S C 

m-
100m Direct visual assessments, 

easy to use, cost effective, 
large area coverage 
 

Expert quantitative analy-
sis, no physical sampling, 
limited by visibility and 
what is observed on sur-
face, small coverage on 
occasions  

Number of species/m2.  
List of species/groups 
identified. 
Biomass/species/groups 
per area surveyed ind/m2 

Drop down cam-
era  N V/S C 

m-
100m 

eDNA S  S C 
m-
100m 

Fast, cover larger areas, 
snapshot of the commu-
nity,  

Expert, expensive analy-
sis, quantification uncer-
tain 

Presence/absence 

MOBILE 
FAUNA 
Species iden-
tification and 
quantification 
of density and 
biomass 

Static video cam-
era baited or un-
baited, mono or 
stereo 

S (stereo)  
N (mono) S E m 

Enables high-resolution 
snapshots video doc. over 
longer periods, monitoring 
species abundance and 
length measurements 

Expert, need calibration if 
changes of cameras, lim-
ited coverage, especially 
in turbid waters.  

Ind/m2, first time species 
recorded, max. no.of 
species recorded per 
timeframe. For stero: 
length (mm) for length-
freq. distribution/species.  

 
Before restora-
tion. 
 
1-2 months af-
ter reef estab-
lishment  
 
Follow-up ~1 yr 
after reef es-
tablishment 
(same sea-
son). 
 
Annual thereaf-
ter 
 

Short term 
(1-3 yrs):  
Indication of 
higher biodi-
versity and 
abundance 
on restored 
sites com-
pared to 
control sites.  
 
Long term 
(>5 yrs.): 
Statistically 
higher biodi-
versity & 
abundance 

Video transects 
(ROV, sledge or 
diver)  N V/S C 

m-
100m 

Direct visual assessments, 
easy to use, cost effective, 
large area coverage 

Expert quantitative analy-
sis, no direct sampling, 
limited by visibility/what is 
observed on surface, small 
coverage 

Qualitative, expert 
Number/m2 

Drop nets N V/S C m 

Direct sampling, detailed, 
common 
 

Limited area, require di-
vers/snorkelers 

Biomass/species/groups 
per area ind/m2, wet 
weight or dry weight g/m2 

Traps (fyke-nets, 
pots) mark and re-
capture N V C 100m 

Documentation of species 
day and night, flexible, 
species identification and 
length measurements,  

Ethical considerations, 
maintenance required, risk 
of bycatch of birds and 
mammals in nets 

Ind/m2, length (mm) for 
length-frequency distri-
bution/species. Catch 
per unit effort 
(CPUE,ind/h) 

eDNA S  S C 
m-
100m 

Fast, good snapshot of the 
community 

Expert, expensive analy-
sis, quantification uncer-
tain Presence/absence 
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Monitoring water clarification 
Biogenic reefs (beds) formed by suspension feeding bivalves filter particles from the water column. 
Benthic light limitation in most coastal and estuarine waters is due to attenuation of light by dis-
solved and particulate matter, both organic and inorganic; light limitation in most coastal waters is 
typically attributed to suspended organic particles. Bivalve filtration reduce organic particle concen-
trations in parts of the water column, which can decrease light attenuating conditions, and is the 
basis of water clarification as an ecosystem service. 

Water movement transports particles past filtering bivalve beds; the rate of this transport is a flux of 
particles. The concentration of particles tends to decrease as water is transported past a bed. The 
rate of this decrease can be determined by discrete or continuous measurements of seston constit-
uents or proxies. Therefore, characterisation of water clarification requires measurements of pa-
rameters that influence light transmission through the water column and hydrodynamics. The moni-
toring approach requires an assessment of resource prioritisation for capturing the desired spatial 
and temporal scales of water clarification. In practice, there are trade-offs due to the desired 
scales, resolution, expertise, equipment, and resources available. 

Measurements of water clarification are always relative to the ambient conditions. This implies that 
reference measurements need to accompany measurements within the footprint of the biogenic 
reef. Evaluation of the spatial structure and extent of water clarification incorporates sampling de-
signs that measure around and over the reef in coordination with local hydraulics. The sampling 
frequency of different parameters is very dependent on variability in local conditions; however, rel-
ative differences between ambient and bed conditions allow for suitable interpretation of water clar-
ification magnitude. As water clarification is principally driven by filtration of organic particles, sam-
pling should take place during times of the year with higher productivity (spring - early autumn), 
which coincides with the productive season of organisms affected by light attenuation. Assignment 
of qualitative or quantitative measures of this ecosystem service requires that the project propo-
nent formulate purposes and objectives with respect to the importance of this function in the pro-
ject’s ecosystem. For example, if an objective is to increase water transparency in receiving 
seagrass habitat, the magnitude and scale of water clarification will be constrained to a relatively 
small area. On the other hand, if an objective is to reduce eutrophication symptoms (decreased 
chlorophyll-a concentrations) in the catchment, the scope of monitoring will be different. 

There are two main components typically included in a monitoring program, 1) light attenuating fac-
tors, and 2) water movement. Monitoring light attenuation factors can be further divided into focus-
ing on seston characteristics or water optical properties. The two are not mutually exclusive and 
indeed provide substantial overlap, but the methods, tools, and expertise involved have tended to 
drive divergent specialisation. The simplest monitoring approach could involve simply a relative dif-
ference between total suspended matter between a reference position and within the reef. A com-
prehensive program could include multiple parameters of seston constituents covering various time 
and spatial scales and thorough characterisation of local hydrodynamics. The following text briefly 
describes methods involved in water clarification monitoring, examples of available tools, and nota-
ble trade-off considerations. An overview of the different methods can be found in table 5. 

 

Methods for monitoring seston and water optical properties 
Light transmittance through the water column is influenced by several components, which are gen-
erally seston, dissolved matter, and water itself. Seston refers to suspended particles in the water 
column, which can be organic or inorganic, with wide ranges of sizes and properties. In Danish 
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coastal waters, the main seston constituent is organic particles, and mostly phytoplankton. Sus-
pended organic matter is the food source and dominant particles that are filtered by bivalves, so 
concentrations and concentration gradients of suspended organic matter are important to describe 
for water clarification as an ecosystem service. For more details we are referring to the following 
technical guideline TA no. M01 ´Indsamling af vand og planktonprøver i felten´9, TA no. M03 ´CTD 
måling´10, TA no. M05 ‘Fluorescens’11, TA no. M06 ´lyssvækkelse´12 and TA no. M07 ´Klorofyl a 
koncentration´13 for monitoring the marine environment, which have been prepared for the Danish 
Environmental Protection Agency by the Marine Data Centre.  

 

Seston monitored by discrete water sampling  

Discrete water sampling is collected as point samples and intermittently over time. Classic water 
sampling is performed either by pumping or capture with a sampling apparatus from a known 
depth. For most parameters, capture at depth is preferred as many pump types can disturb the 
state of the water column around the pump inlet, can modify particles (e.g. disintegration in impel-
ler), and produces volumes typically unnecessary or untenable for analysis, however depending on 
flow rate of the pump. A water sampler is a simple, inexpensive device that generally operates by 
casting the apparatus over-board, lowering to the desired depth, triggering capture, and retrieval. 
Water is then analysed on board or stored in clean containers for transport back to the lab. This 
process is typically repeated at a fixed location for replication, and in total can take several 
minutes. The major advantage of discrete water samples is the capture of particles and ability for 
direct characterisation. The nature of fixed locations and physical capture is generally time and re-
source limiting due to 1) sailing time between stations, 2) physical sample storage, and 3) subse-
quent sample processing and analyses. This limits the ability to expand coverage while maintain-
ing resolution in both time and space. 

Parameters typically analysed in discrete water samples are generally assessed in terms of con-
centrations (volumetric) or by composition. Volumetric parameters include suspended matter 
mass, organic fraction of suspended matter, chlorophyll-a or other pigments. Suspended matter 
and Chlorophyll-a is determined by standard methods (for details we are referring to standard pro-
tocols like e.g. HELCOM 2017 and Walsham et al., 2022. This method is widely practiced in stand-
ard monitoring programs, and standard protocols are referenced here for specific procedures and 
detailed discussion of protocol considerations. Variation in some of the techniques is present, such 
as which solvent is used, filter maceration and centrifugation, analytical equipment, and sample 
conveyance. Most restoration projects could adopt suspended matter analyses and chlorophyll-a 
quantification with access to appropriate equipment (i.e. spectrophotometer, fluorometer) and intro-
ductory training. 

Samples can also be processed to characterise the composition of seston. Traditional microscopic 
techniques are used for counting and identifying different phytoplankton, zooplankton, and bacte-
rio-plankton groups. Traditional microscopic analyses require varying degrees of expertise depend-

 
9https://ecos.au.dk/fileadmin/ecos/Fagdatacentre/Marin/TA_M01_Indsamling_af_vand_og_planktonproe-
ver_i_felten_ver1.pdf 
10 https://ecos.au.dk/fileadmin/ecos/Fagdatacentre/Marin/TA_M03_CTD_maaling_ver2.pdf 
11 https://ecos.au.dk/fileadmin/ecos/Fagdatacentre/Marin/TA_M05_Fluorescens_ver1.pdf 
12 https://ecos.au.dk/fileadmin/ecos/Fagdatacentre/Marin/TA_M06_Lyssvaekkelse_ver3.pdf 
13 https://ecos.au.dk/fileadmin/ecos/Fagdatacentre/Marin/TA_M07_Klorofyl_a_ver2.pdf 
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ing on the level of identification and can be very time-consuming. Particle counters and size ana-
lysers have been used for many years and can provide size spectra to understand which fractions 
of particles are filtered over the reef. Flow cytometry has become an established method for char-
acterising particle size and shape spectra. Most of these techniques are beyond the scope of mon-
itoring in most restoration projects but are of interest to the scientific community to understand reef 
filtration dynamics in different conditions. Images different devices 

 

Water optical properties monitored by discrete sampling 
A classical method for characterising light attenuation is the Secchi disk. This method involves low-
ering a white or checkered disk below the water surface and noting the depth when it is no longer 
visible. This is the simplest and least expensive method to qualify water clarity, though it is impre-
cise and subject to error due to differences in observer perception and situational aspects contrib-
uting to variable light conditions such as cloud cover, wind surface disturbance, solar angle, and 
vessel shadowing14. In absence of other methods, Secchi disk depth can still be used to character-
ize differences in light attenuation over the water column.  

Transmittance and absorption spectra can be measured with sample water in a spectrophotome-
ter. These spectra reveal the distinct absorption signatures of light attenuating components; for ex-
ample, colored dissolved organic matter (CDOM) absorbs strongly in the ultraviolet, while phyto-
plankton have characteristic pigment absorption peaks, such as chlorophyll-a in the blue (~440 
nm) and red (~675 nm) regions. For further information on light and optical theory in coastal and 
marine waters, the reader is directed to The Ocean Optics Web Book (Mobley et al., 202215). Sam-
ples require pure (ultrafiltered) controls and sample filtration steps. While relatively straightforward, 
sample processing is time-consuming, equipment can be expensive, and interpretation requires 
expertise. 

 

Water optical properties monitored by fixed sensors 
Sensors can detect environmental parameters of interest and transmit a corresponding signal 
along a measured scale. The sample space for most sensors is within a few cm from the sensor-
water interface, so the spatial representation is limited to a single point in the water column. Often 
it is advantageous to deploy sensors at more than one depth to characterise differences in the ver-
tical water column.  

Many sensors are available off-shelf from manufacturers and secondary suppliers with internal log-
ging capabilities and designated software for simple deployment and post-processing steps. There 
are abundant resources for more do-it-yourself (DIY) oriented project proponents. 

Parameters available off-shelf and relevant to water clarification: 

• Physical 
o Conductivity 
o Temperature 

• Optical 
o Beam attenuation 
o Backscatter 

 
14 https://www.oceanopticsbook.info/view/photometry-and-visibility/level-2/the-secchi-disk 
15 https://www.oceanopticsbook.info/view/optical-constituents-of-the-ocean/introduction-to-optical-constitu-
ents-of-the-ocean 
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o Absorption 
o Particle size distribution 
o Photosynthetic active radiation (PAR) 

• Proxies 
o Chlorophyll-a 
o Turbidity 
o Coloured Dissolved Organic Matter (CDOM)/Fluorescent Dissolved Organic Matter 

(FDOM) 
 

Water Optical Properties 
Most restoration projects will not require high resolution coverage for parameters like conductivity 
and temperature as in Danish coastal waters (microtidal) daily variability is less pronounced; often 
a single planar position is sufficient. Sensor models are abundant and straightforward to operate. 
Optical sensors (water optical properties) focus on inherent (beam attenuation, backscatter) or ap-
parent (PAR) properties. Inherent properties are independent of solar conditions, so do not require 
a surface reference sensor, where monitoring apparent properties typically do require a surface 
reference. Backscatter will provide information on particle concentrations, which is relevant to bi-
valve water clarification, while beam attenuation will provide information on absolute water clarity. 
Backscatter sensors require considerable calibration steps and application of optical theory for in-
terpretation. More sophisticated instrumentation can characterise absorption along with beam at-
tenuation (i.e. Seabird ac-s) or even particle size distributions along with beam attenuation (i.e. Se-
quioa Scientific LISST), however these are very expensive, and use requires substantial expertise 
limited to scientific applications. PAR sensors at depth can be used in conjunction with reference 
measurements from a sensor immediately below the water surface to calculate an attenuation co-
efficient (KD) that relates light attenuation to depth in the water column. Of the optical parameters, 
most restoration projects will limit their scope to use of PAR sensors or beam attenuation sensors. 
Sensors quantifying proxies to light attenuating features are widely used in water quality monitoring 
programs, such as chlorophyll-a fluorescence, turbidity, and coloured/fluorescent dissolved organic 
matter (CDOM/FDOM) and are widely accepted in reporting for both scientific and regulatory pur-
poses. Chlorophyll-a is the most common parameter monitored relative to bivalve filtration as it 
represents their food source, phytoplankton. Turbidity can be difficult to interpret as it is dispropor-
tionately sensitive to reflective (inorganic) particles and requires a demanding calibration protocol 
using local sediments with high replication. 

 

Dissolved Organic Matter 
Coloured Dissolved Organic Matter (CDOM) and fluorescent Dissolved Organic Matter (FDOM) 
constitutes refractory dissolved matter that effectively absorbs light, and responsible for the brown-
ish coloration of some rivers and lakes. Most coastal waters have nominal levels of CDOM/FDOM, 
however, enclosed inner brackish waters can have substantial concentrations. All these proxy sen-
sors involve numerous assumptions, often exhibit high variability, and require periodic calibration. 
Their moderate price, degree of logger system integration, and interpretation may be excessive for 
smaller restoration projects. Selection of parameters and their associated sensors should be identi-
fied in the project’s purposes and objectives and coordinated with available resources. 

Seston and water optical properties monitored by synoptic surveys and profiling 
Synoptic surveys and profiling collected data in line, plane or volume and intermittently over time. 
Integration of fixed sensors as described above in a survey system on a transecting vessel pro-
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vides opportunities to map parameters over a large area in 2- or even 3-dimensions. Classical pro-
filing of the water column with a sensor package can be a rapid method to characterise the distri-
bution of parameters in the vertical dimension and can be repeated in a grid assignment over a 
larger area to similarly map parameter distributions in 2- or 3-dimensions. A common survey setup 
is to pump water from depth into a contained apparatus onboard a vessel (e.g. FerryBox) where 
the sensor package is positioned. Alternatively, sensors can be positioned aside the vessel on a 
rigid, depth-fixed frame with cables running to the surface onboard, or the package can be towed 
behind the vessel on a sledge or depressor wing. All approaches require position tracking, which 
should accommodate differences from sampled time delay (distance duration from inlet to sensor 
faces) or relative position to the GPS receiver (i.e. for towed arrays). Pumping water requires use 
of a pump that does not disintegrate or otherwise disturb particle masses (i.e. diaphragm or screw 
pump), and the pumping rate should be kept constant to coordinate vessel position. 

There are numerous setup considerations, as well as potentially lengthy calibration procedures 
that are critical to consider for synoptic surveys. A simple setup using a packaged unit (e.g. CTD 
package) can be towed or fixed aside from a paddled or slow-moving vessel and requires only 
modest collection and processing considerations. An inline system with multiple sensor packages 
and pumping at variable depth requires substantially greater preparation and operational control. 
The reader is directed to IOCCG Protocol Volume 4 for in-depth considerations of developing and 
application of inline systems (Neeley et al., 2019). 

Synoptic mapping exercises can provide both accurate and precise spatial information on the ex-
tent and magnitude of water clarification around a bivalve bed, useful for practitioners, scientists 
(filtration and environmental dynamics), and stakeholders. Mapping can also be useful to evaluate 
changes over time, such as reef evolution, seasonal variation, or different hydrodynamic regimes 
(Figure 3). As vessel speeds typically need to be slow, performing such surveys can be very time-
consuming. Interpretation and post-processing of survey data may require advanced GIS or spatial 
statistical expertise to present accurate representations of the data. 
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Figure 3. Example of synoptic survey of chlorophyll-a over a suspended mussel farm on two different days. Chlorophyll 
concentrations are indicated in shades of green, the vessel track is indicated as dotted lines. Interpolations of chlorophyll 
concentrations performed within a convex hull of the survey extent (Taylor et al., 2021) 

 
Water optical properties monitored by remote sensing 
Remote sensing is collecting data in a plane and intermittently over time. Colour remote sensing 
from UAV, airplane, and satellites has been integral in ocean and coastal water quality and biogeo-
chemistry observation programs. Application to bivalve filtration has been a relatively recent, 
though limited application due to the required spatial resolution and constrained depth for detecting 
relative water clarification. Among numerous parameters, chlorophyll-a and suspended matter de-
tection have been the most applied parameters, other than physical parameters. While satellite col-
our data is freely available to the public via Copernicus (copernicus.eu), working with the data may 
require expert support. However, after suitable algorithms have been selected and a processing 
procedure is in place, access to maps can be streamlined for public use. A notable disadvantage 
of satellite colour data is that the area of interest should be cloud-free during satellite overpass. For 
biogenic reefs, even in relatively shallow areas (<6m), the area of water clarification under stratified 
conditions may not be detectable from surface reflectance data. Use of colour remote sensing data 
for coastal conditions is still an active area of scientific development.  

 

Methods for monitoring hydrodynamics 
Water movement (flow) is described by the velocity and direction of water. Flow can be steady or 
unsteady, uniform or non-uniform, and can be directed in all three dimensions. Flow generally var-
ies with depth generating velocity gradients in boundary layers. Flow patterns at smaller and larger 
scales influence nutrient transport, particle and organismal dispersion, and ecosystem dynamics. 
Flow in respect to water column stability is generally described as either laminar or turbulent. Lami-
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nar flow typically occurs at low velocities and is described by smooth, steady layers of water flow-
ing in parallel and general lack of mixing. Turbulent flow is characterised by chaotic and irregular 
water motion, which enhances the mixing of water layers through vortex generation. At bivalve bed 
surfaces, which are rough, moderate changes in velocities can substantially influence the degree 
of mixing along the water column, implicating different particle transport dynamics in the zone 
where bivalves are filtering water.  

Density gradients along the water column are generally generated by freshwater inputs and mete-
orological forcing, such as wind and solar heating. Temperature or salinity (or both) differences 
form density gradients that can manifest a typically thinner stable gradient layer called the pycno-
cline, in which separate layers of water (strata) form; this is called stratification. Stratification is an 
important physical feature of the water column that influences water clarification directly by limiting 
mixing with the whole water column and thereby can generate a defined vertical layer depleted of 
food particles. In addition to affecting particle distribution, different density layers provide chal-
lenges for certain measurements by optical turbulence, also known as schlieren.  

 

Surface currents 
The simplest method to observe currents is to deploy a drogue or other object that drifts along the 
flow. A drogue is designed to be submerged and negate wind. A floating object will follow the domi-
nant current path but may be advanced laterally due to wind. The drifting object can be tracked by 
use of on-board GPS, sight-tracking and referencing, or by noting its deployment and retrieval po-
sition.  

 

Point measurements 
Several in situ techniques exist to record current speed and direction in a time series at a fixed 
point in the water column, from mechanical to acoustic. Access to instrumentation may be limited 
to project proponents with greater resources as instruments tend to be expensive, and interpreta-
tion can require specialised training. Several lower cost and DIY techniques have been used in bi-
valve bed settings to successfully track current velocities, such as tilt current meters. Tilt current 
meters are typically positioned on the seafloor and operate by measuring the deflection angle of a 
tethered, buoyant sensor as it responds to water current forces; this angle is then used to estimate 
flow velocity. It is relatively inexpensive and robust for long-term deployments, though less precise 
in turbulent or non-uniform flow conditions and requires site-specific calibration to ensure data ac-
curacy. Single-point current meters measure water velocity at a fixed location in the water column 
using a mechanical rotor, acoustic pulses, or an electromagnetic sensor that responds to the flow. 
They are reliable, of moderate cost, and easy to deploy for point measurements, but like other 
point measurement devices, they inherently offer limited spatial data. Acoustic Doppler Velocime-
ters (ADV) measure water velocity by transmitting acoustic pulses and analysing the Doppler shift 
of particles in a small sampling volume. They provide high-resolution, three-dimensional velocity 
data ideal for turbulence studies, though it can be sensitive to signal noise, flow disturbance from 
the probe, expensive, and require careful deployment and post-processing. 

 

Column measurements 
Measurement of current velocity components over the water column is typically performed with 
acoustic profiling, and less commonly so with a profiling single-point meter as on a tethered moor-
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ing or vehicle. Acoustic Doppler Current Profilers (ADCP) measure water velocity profiles by emit-
ting acoustic pulses and analysing the Doppler shift from particles throughout the water column 
with multiple transducers. It enables high-resolution, multi-depth velocity measurements over a 
time series, but requires substantial power, calibration, and careful deployment and configuration 
considerations. In bottom or moored configurations, ADCPs can be affected by side-lobe interfer-
ence in shallow or complex environments typical of restoration sites, making boundary measure-
ments difficult to accurately capture. 
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Table 5. Monitoring of ecosystem function provided by biogenic reefs: Water clarity provided by biogenic reefs. The table highlights key parameters, data outputs, expertise levels 
required (volunteer or specialist), the essential or complementary nature of methods, scale of application, timeframe, and associated strengths and weaknesses. 

Supporting 
ES Ecosys-

tem  
function 

Indicator Method Sub method Units (output/result) 
Expertise level: 

Volunteer (V) 
Specialist (S) 

Essential (E)  
Complementary 

(C) 
Scale Timeframe Strength  Weakness 

Water clari-
fication 

Seston character-
istics (Chloro-
phyll/ Phyto-
plankton, parti-
cles) 

Discrete water sampling 

Volumetric 
Inorganic/organic suspended matter dry 
weight, chlorophyll-a and other pigments con-
centrations 

V/S E m Weekly-Monthly, 
season dependent 

Straightforward, can be low cost 
and simple, easily trainable 

Moderately time consuming, low spatial 
and temporal resolution, fluorescence 
and pigment quantification require more 
sophisticated equipment 

Flow cytometry, particle sorting, 
plankton identification 

Particle size spectra, particle quantitation and 
classification, plankton identification S C m 

Monthly-seasonally, 
season and purpose 

dependent 

Information-rich, useful for eco-
logical assessment and adaptive 
management of reef configura-
tion 

Either very time consuming or requires 
very specialised equipment, all methods 
require specialised training for interpreta-
tion 

Fixed Sensors Single – multiple parameter Time series of chl-a, phycoerythrin, phycocya-
nin, turbidity V/S E m 

Continuous over 
short-term cam-

paign or long term 

High temporal resolution; de-
ployment, use and interpretation 
of time series can be straightfor-
ward and moderate expense; can 
be observed in ‘real-time’ 

Limited spatial resolution without costly 
expansion of monitoring stations; re-
quires specialisation for calibration and 
maintenance 

Synoptic Surveys, Profiling Single – multiple parameter 
Spatial characterization of phytoplankton con-
centrations or suspended matter in surface 
layers 

V/S E/C m-hm 
Monthly-seasonally, 
season and purpose 

dependent 

2-3D coverage can describe spa-
tial or physical phenomena, 
straightforward to employ after 
assembly 

Time consuming, high calibration se-
quence requirements, georeferencing 
can be challenging, snapshot in time 

Remote sensing Aerial or satellite observation 
Time series and spatially explicit proxies (re-
flectance and absorption) for phytoplankton or 
suspended matter concentrations 

S C m-km 

Monthly-seasonally, 
season and purpose 
dependent; satellite 

overpass  

Spatial and temporal coverage; 
limited equipment requirements 

Typically needs local empirical relation-
ship and suitable corrections, weather 
dependent, specialist interpretation, typi-
cally limited to surface layers, limited 
resolution  

Water move-
ment/ 
Hydrodynamics 

Surface currents Drogue Trace of surface currents over short time pe-
riod V E hm-km Hour Simple and inexpensive 

Requires multiple deployments and ei-
ther GPS or visual demarcation; can be 
influenced by wind; can be lost if not ac-
tively tracking 

Point measurement Current meter, ADV Time series of velocity components for a single 
part of the water column, turbulence (ADV) V/S E cm-m 

Continuous over 
short-term cam-

paign or long term 

Can be relatively inexpensive, 
provides time series of in situ 
currents 

Requires multiple units to cover water 
column; interpretation varies by technol-
ogy; ADV expensive; deployment may re-
quire expertise 

Column measurement ADCP, profiling 
Time series or intermittent profiles of water 
column velocity components, turbulence, 
stratification 

S E m 
Continuous over 
short-term cam-

paign or long term 

Time series of water column ve-
locities, can characterise larger 
patterns 

Expensive, deployment and interpreta-
tion require expertise 

Light attenuation 
(Optical proper-
ties) 

Discrete water sampling Volumetric Spectrometric absorption and transmission S C m Weekly-Monthly, 
season dependent Straightforward, full spectra  

Expensive, time consuming, filtration re-
quirements, low spatial and temporal 
resolution 

Fixed Sensors Single – multiple parameter 
Time series of PAR, beam attenuation (c m-1), 
backscattering, transmission, attenuation co-
efficient (KD) 

V/S E m 
Monthly-seasonally, 
season and purpose 

dependent 

High temporal resolution; de-
ployment, use and interpretation 
of time series can be straightfor-
ward and moderate expense 

Limited spatial resolution without costly 
expansion of monitoring stations; re-
quires specialisation for calibration and 
maintenance; can be very expensive 

Synoptic Surveys, Profiling Single – multiple parameter 
Spatial characterization of PAR, beam attenua-
tion (c m-1), backscattering, transmission, at-
tenuation coefficient (KD), Secchi disk 

V/S E/C m-hm 
Continuous over 
short-term cam-

paign or long term 

2-3D coverage can describe spa-
tial or physical phenomena, 
straightforward to employ after 
assembly 

Time consuming, high calibration se-
quence requirements, georeferencing 
can be challenging, snapshot in time; can 
be very expensive 

Remote sensing Aerial or satellite observation 
Time series and spatially explicit spectral re-
flectance and absorption of surface waters, 
secondary and tertiary products 

S C m-km 
Monthly-seasonally, 
season and purpose 

dependent 

Spatial and temporal coverage; 
limited equipment requirements 

Typically needs local empirical relation-
ship and suitable corrections, weather 
dependent, specialist interpretation, typi-
cally limited to surface layers, limited 
resolution 



 

 

Methods for monitoring biochemical cycles  
Bivalve reefs influence the flow of organic material in coastal ecosystems through filtration 
and deposition and thereby stimulating microbial processes in surrounding sediments. 
Regulation of major biogeochemical pathways by bivalve assemblages constitutes a set of 
ecosystem services provided by historically keystone habitats. The capacity of bivalve 
populations to mediate key biogeochemical cycles, specifically those of nitrogen (N), car-
bon (C), and phosphorus (P), can drive systemic changes in functional regimes in coastal 
environments (Dame et al., 1989, Petersen et al., 2008). Accordingly, monitoring and char-
acterising biogeochemical cycles in respect to restoration of bivalve reefs supports the 
evaluation of reef responses to environmental change, anthropogenic pressures, as well 
as the effectiveness of restoration efforts on ecosystem processes. This following text out-
lines current methods used to monitor N, C, and P cycling in bivalve reefs, their scientific 
basis, and operational considerations with relative strengths and limitations. For thorough 
review of existing literature on bivalve biogeochemical interactions, the reader is directed 
to Jackson et al., 2018, Jansen et al., 2019 and Ray and Fulweiler, 2021.  
For monitoring nutrients in the sediment, we are referring to the technical guideline TA no. 
M23 ´Næringsstoffer i sedimentet´16 
 
Denitrification 
Denitrification involves the reduction of nitrate (NO₃⁻) and nitrite (NO₂⁻) to dinitrogen gas 
(N₂) and thereby removes reactive nitrogen from the aquatic ecosystem. Bivalve reefs of-
ten support elevated rates of denitrification due to the accumulation of organic matter from 
bivalve biodeposits and the formation of redox gradients favourable for denitrifying micro-
bial communities. Several methodological approaches have been applied to measure de-
nitrification in bivalve reefs, each with inherent advantages and limitations. 
Accurately quantifying denitrification rates in bivalve reefs can be practically challenging 
and resource intensive. The process typically involves enclosing a section of the reef, its 
underlying sediments, and the overlying water within a chamber; or by proxy a reconstruc-
tion of this configuration in a mesocosm. Subsequently, changes in N2 concentrations are 
measured over a specified duration. This can be achieved through batch incubations, 
where changes in N2 concentrations are determined using regression analysis, or flow-
through incubations, where differences in N2 concentrations between inflow and outflow 
samples are measured. Chambers can be positioned in situ on the reef by hand if in a ma-
crotidal area, by diver or by a lander (Figure 4) in subtidal conditions. While in situ experi-
mentation is understood to preserve existing conditions at the site, there are obvious oper-
ational constraints to sufficient replication and sampling procedures. Automated benthic 
lander systems solve some of these constraints, though the complex physical structure of 
a reef may prove challenging for the lander’s chambers to adequately seal the reef and 
sediment space. Samples can also be extracted from the reef to run ex situ experiments, 
though the extraction process itself can disturb biogeochemical gradients, and logistical 
constraints often limit replication and spatial coverage. Ex situ experiments should pre-
serve the vertical structure of the sample for quantifying representative denitrification 
rates. Slurry methods, which involve mixing benthic samples, should be avoided as they 
disrupt sediment structure and natural redox gradients, potentially altering microbial com-
munity composition and denitrification potential. In habitats with ample microphytobenthos 
or macroalgae, light conditions can alter benthic fluxes, and differences between light and 
dark fluxes should be considered. The size and type of incubation chamber used should 
be appropriate for the complexity of the reef. Smaller chambers are easier to operate but 
may not capture representative parts of the system, while larger chambers can capture 

 
16 https://ecos.au.dk/fileadmin/ecos/Fagdatacentre/Marin/TA_M23_Naeringsstoffer_i_sediment_ver2_1.pdf 
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more realistic results in the often-heterogeneous conditions with complex communities but 
incur additional cost and logistical challenges. Replicating in situ flow conditions is also dif-
ficult, as environmental factors such as tides or wind-driven currents are subject to con-
stant change. Water within chambers is often mixed using stir bars or impellers to simulate 
flow and prevent stratification. The rate of stirring requires consideration, as different 
speeds can influence biogeochemical exchange rates by modifying the thickness of the 
existing boundary layer. This all implies that a pre-experimental site investigation is pru-
dent for appropriate experimental setup and configuration. 
 

 
Figure 4. A University of Gothenburg in situ automated benthic lander with incubation chambers – Photo: Daniel Taylor 

  
Several analytical methods are regularly used to quantify denitrification rates. The Acety-
lene Inhibition Technique involves adding acetylene (C₂H₂) to inhibit the N₂O reductase 
enzyme, preventing the final step of denitrification (N₂O → N₂). The change in N₂O con-
centration is then measured via gas chromatography. While relatively simple to implement, 
this method often results in underestimation of denitrification due to incomplete inhibition 
of N₂O reductase. Acetylene can also inhibit nitrification, affecting coupled nitrification-de-
nitrification processes, and does not account for nitrogen fixation or anammox, which con-
tribute to the net N₂ flux. Due to these notable drawbacks, the acetylene inhibition tech-
nique is generally not recommended for quantifying denitrification in bivalve reefs. The 
N₂/Ar method involves measuring the change in the ratio of dissolved N₂ and Ar using a 
membrane inlet mass spectrometer (MIMS) (Jackson et al., 2018). This technique offers 
high precision and does not require headspace equilibration, providing a direct measure-
ment of N₂ fluxes under natural conditions. Additionally, it can simultaneously measure O₂ 
fluxes if O₂ is not removed during analysis. However, the method is sensitive to bubble for-
mation, which can lead to erroneous values. The potential production of nitrosonium (NO⁺) 
during MIMS analysis can also result in higher N₂ production estimates. Despite these limi-
tations, the N₂/Ar method is considered one of the most accurate and reliable techniques 
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for quantifying denitrification in bivalve reefs. The Isotope Pairing Technique (IPT) involves 
labelling the dissolved inorganic nitrogen (DIN) pool with ¹⁵NO₃⁻ or ¹⁵NH₄⁺ and tracing to 
the N₂ pool. This method provides detailed information about the mechanistic processes 
contributing to net denitrification, as well as other processes, such as Dissimilatory Nitrate 
Reduction to Ammonium (DNRA). However, it is sensitive to the amount of label added, 
which can affect the environmental relevance of the measurements. IPT often results in 
lower denitrification rates compared to the N₂/Ar method and is sensitive to the activity of 
other processes, which can potentially violate methodological assumptions. While very 
useful for mechanistic studies, IPT may not be as reliable for quantifying net denitrification 
in complex bivalve reefs (Ray et al., 2021). 
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Boulder reefs 
 
Introduction 
This document provides a dedicated monitoring guideline to record and evaluate the ecological 
and functional evolution of boulder reef restoration projects. While its core is the development of 
clear objectives, robust performance indicators, and standardized sampling and data-management 
protocols, the monitoring activities should be mapped onto the six-phase ‘Best practice for boulder 
reef restoration’ document edited by the Danish Marine Restoration Center (Dahl et al., 2024). Be-
ginning with preliminary screening and feasibility studies (Phases 1–2), progressing through de-
tailed planning, permitting and reef construction (Phases 3–5), and concluding with focused docu-
mentation and monitoring (Phase 6), this structure ensures that baseline data, short- and long-term 
assessments are conducted at critical project milestones. Embedding monitoring into these phases 
facilitates real-time adaptive management, supports consistent cross-project comparisons, and re-
inforces evidence-based refinement of restoration techniques. Hereafter, are briefly reported the 
main phases from the ‘Best practice for boulder reef restoration’ document (Dahl et al., 2024): 

 

• Phase 1: Screening — Identify and prioritize candidate areas by analysing seabed sub-
strate (sediment maps, substrate-type maps), historical extraction records, depth and envi-
ronmental conditions (light, salinity, exposure) and area use (shipping lanes, Natura 2000 
constraints, cultural heritage) to produce initial project boundaries. 

• Phase 2: Preliminary surveys — Conduct targeted geomorphological, biological baseline 
and cultural-heritage surveys within the initial boundaries to refine restoration feasibility. 

• Phase 3: Detailed project planning — Specify stone source and selection criteria, design 
reef geometry, target densities and depth ranges. Produce georeferenced placement plans 
and cost estimates. 

• Phase 4: Authority application and approval — Prepare and submit license applications 
to relevant authorities (Danish Coastal Authority, Natura 2000 impact assessments, cultural 
heritage permits). 

• Phase 5: Reef establishment — Oversee purchase, transport and placement of boulders; 
implement marking and construction supervision to ensure compliance with approved de-
signs. 

• Phase 6: Documentation and monitoring — Record placement accuracy (hydrographic 
surveys) and assess ecological development using standardized monitoring methods over 
short (0–1 year), mid (1–5 years) and long (5–12+ years) timeframes. 

Integrating these phases provides a coherent framework to align ecological goals, regulatory re-
quirements and monitoring activities. 

 

Developing a monitoring plan 
The first step in developing a monitoring plan for boulder reef restoration is to clearly define the 
goals and objectives of the specific project. These objectives should align with the project’s capac-
ity, available resources, and restoration capabilities. This critical step should be completed during 
the project design phase, prior to the implementation of restoration activities such as boulder 
placement, to ensure the restoration is appropriately planned. It allows for the collection of baseline 
data, selection of relevant monitoring metrics, and establishment of a timeline for assessing pro-
gress. Building on the ‘Best Practice for boulder reef restoration document’ (Dahl et al., 2024), the 
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monitoring plan should be defined during detailed project planning and implemented immediately 
after reef establishment. 

 

Timeframe 
Developing an effective monitoring plan for boulder reef restoration requires a clear timeline and 
consideration of monitoring methods to align with the expected ecological and physical changes. 
Boulder reefs require extended periods (6-12 years or more) to achieve measurable success, ne-
cessitating short-, mid-, and long-term monitoring with detailed data collection approaches (Table 
6). 

Baseline and short-term monitoring (Year 0–1) 
- Baseline surveys: conduct pre-restoration surveys to establish initial conditions, focusing on 

reef structure, biodiversity, and habitat functionality. 
- Rapid assessment (or assessment for smaller citizen-science projects): perform visual in-

spections and photography within two weeks of boulder placement to identify issues like 
structural instability, improper placement, or sediment accumulation. Visual photography 
can provide a general overview of habitat conditions and functional groups but may under-
estimate species diversity, especially for cryptic or layered organisms. 

- Implementation monitoring (use of essential and complementary methods): evaluate the 
design and execution of restoration efforts, ensuring that the reef structure is stable and be-
ginning to support colonization. 

Mid-term monitoring (Years 1–5) 
- Progress monitoring: assess colonization patterns, biodiversity recovery, and the abun-

dance of species. Consider using settlement plates to track colonization dynamics. If plates 
are placed on an established reef, evaluate whether they reflect the ‘climax community or 
are dominated by opportunistic pioneer species, which may influence competition dynamics 
and eventual community structure. 

- Key metrics: monitor functional groups, habitat complexity, and competition between pio-
neer and K-strategy species to assess progression toward a stable and diverse community. 
Settlement plates can help detect early signs of community shifts or dominance by specific 
taxa. 

- Colonization dynamics: investigate whether species colonization aligns with restoration 
goals and adjust management practices to promote desirable ecological outcomes. 

Long-term monitoring (Years 5–12+) 
- Ecosystem impact monitoring: evaluate how the restored boulder reef integrates into the 

broader ecosystem, including its role in enhancing biodiversity, supporting fisheries, and 
providing ecosystem services. 

- Structural complexity and stability: measure reef rugosity and habitat persistence over time. 
Long-term survivorship of colonizing species and shifts in community composition should 
be monitored to determine if the restoration is progressing toward a stable ‘climax’ state. 

- Adaptive management: use long-term data to refine restoration techniques, ensuring resili-
ence to environmental disturbances such anthropogenic stressors like coastal construction 
or pollution. 

 

Regular surveys to track progress are essential, particularly for enabling adaptive management 
and integrating diverse methods. These can range from visual photography to capture general 
trends to the use of settlement plates for detailed, species-level data. This multi-method approach 
provides both broad and fine-scale ecological insights. Additionally, it supports the scalability of 
restoration efforts or the implementation of passive restoration approaches. 
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Table 6. Monitoring timeframes, approaches, and key objectives for evaluating restoration projects using scientific/pro-
fessional and citizen-science/voluntary methods. 

Monitoring timeframe Years Scientific/Professional approach Citizen-science/Volunteers approach 

Baseline and short-term  
monitoring   0-1 

Bathymetry mapping/new model for cur-
rent speed, evaluation of construction 
stability, ecological evaluation Conduct 
precise baseline surveys focusing on 
bathymetry, hydrodynamic modelling, 
reef structure, biodiversity, and habitat 
functionality 

Perform visual inspections and photo-
graphic documentation to identify struc-
tural stability issues or sediment accumu-
lation 

Mid-term monitoring 1-5 

Assess colonization patterns, biodiver-
sity recovery, and abundance and key 
metrics like habitat complexity and func-
tional group dynamics 

Use visual observations of species abun-
dance and habitat utilization 

Long-term monitoring 5-12 

Evaluate reef integration into broader 
ecosystems, track structural complexity 
(e.g. functionality), and monitor commu-
nity shifts (pioneer species vs K-strat-
egy), species interaction and food webs 

Track visible structural changes over time 
through repeated photo documentation 

 
 

Monitoring methods 
Erosion and sediment stability 
Boulder reef restoration provides significant coastal protection benefits through wave energy dissi-
pation and sediment stabilization (Bjerregaard & Grolin, 1998; Stone et al., 2005). Boulder reefs 
effectively attenuate wave energy through multiple mechanisms and the effectiveness of wave at-
tenuation depends on the reef's structural complexity, geometry, and positioning relative to prevail-
ing wave conditions, with protection benefits extending from meters to kilometres from the restora-
tion site. 

Monitoring erosion and sediment stability is essential for evaluating the effectiveness of boulder 
reef restoration and ensuring long-term structural integrity. The monitoring approach should com-
bine essential methods suitable for volunteer implementation with additional advanced techniques 
that provide detailed mechanistic insights for expert-led projects (Table 7). 

 

Visual methods 

Visual methods (e.g., photography) can detect changes in reef structure and surrounding sedi-
ments. Establishing permanent photo points around the restoration site using fixed markers or 
GPS coordinates allows to document boulder stability and displacement, sediment accumulation 
patterns around structures, evidence of erosion features, changes in substrate composition, and 
overall structural integrity of reef components. This approach offers a cost-effective method for 
tracking large-scale changes that may not be apparent through individual observations. Photo-
graphs should be standardized, maintaining consistent angles, distances, and light conditions at 
each monitoring point. It is important to create a systematic numbering system for photo points and 
maintain detailed logs including date, time, weather conditions, and observer notes. Finally, photos 
and data should be stored with systematic naming conventions and develop a comprehensive 
photo database that allows for easy comparison over time, enabling detection of both gradual 
changes and sudden impacts from storm events or other disturbances. 
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Sediment traps 

Sediment traps provide critical data on sediment flux and transport dynamics, enabling evaluation 
of how effectively the boulder reef mitigates coastal erosion. Install sediment traps using PVC cyl-
inders or flat collection plates positioned downstream of boulder structures with inlets approxi-
mately 5 cm above the seabed. Deploy multiple traps per site to account for spatial variability, posi-
tioning them to capture sediment movement in prevailing current directions based on local 
knowledge of water flow patterns (Lund-Hansen et al., 2004). The traps should be secured to pre-
vent displacement during deployment and marked for easy retrieval after the measurement period. 

After the deployment period, retrieve traps carefully to avoid sediment loss, then dry collected ma-
terial and weigh to calculate sediment flux. Record environmental conditions during deployment 
including wave height, current strength, and weather conditions, as these factors significantly influ-
ence sediment transport rates. It is then possible to correlate sediment flux measurements with 
wave and current conditions to understand the relationship between hydrodynamic forces and ero-
sion patterns, providing valuable insights into the effectiveness of the boulder reef in reducing sedi-
ment transport and coastal erosion. 

 

Sediment sampling - cores 

Sediment cores represent a useful tool for tracking temporal changes in substrate composition, hy-
drodynamic conditions and the effectiveness of reef restoration measures. By extracting and ana-
lysing vertical profiles of unconsolidated material, researchers can reconstruct how the sedimen-
tary environment responds to both natural forces and engineered interventions over time. 

To implement this approach, collect simple sediment samples from representative locations around 
the reef, using PVC cores or cylinders. Ensure that each sampling point is logged with precise 
GPS coordinates to facilitate consistent resampling in future campaigns, and record field notes on 
the apparent proportions of mud, sand and gravel. Take standardized photographs of each core 
immediately following extraction to enable visual comparison across sampling periods. 

Where feasible, retrieve cores in triplicate at each station to capture small-scale spatial variability 
and improve statistical robustness. Back in the laboratory, oven-dry samples at 60°C until they 
reach constant weight, then pass them through a series of standardized mesh sizes to segregate 
grain-size fractions. From these data calculate key sedimentary parameters such as porosity (from 
bulk and solid densities), bulk density (dry mass per unit volume), median grain size (D₅₀), and 
grain-size distribution (percentages of sand, silt and clay). 

Interpreting shifts in grain-size distribution over time yields insights into local hydrodynamic energy; 
finer sediments generally indicate lower-energy conditions and more effective wave attenuation by 
boulder placements, while changes in porosity and bulk density reflect evolving substrate stability. 
Together, these metrics illuminate the progressive modification of the benthic habitat in response 
to both environmental forcing and deliberate restoration activities. 

 

Water sampling 

Water clarity and turbidity measurements indicate the amount of suspended sediment in the water 
column, with higher turbidity suggesting increased sediment resuspension or transport from ero-
sional processes. Temperature measurements and basic visual observations of wave conditions, 
current strength, and visible sediment plumes offer contextual information about the physical 
forces acting on the restoration site. 
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Implement a simple but consistent monitoring protocol by taking measurements at the same loca-
tions and depths during each sampling event, ensuring data comparability over time. Record all 
environmental conditions during sampling, including weather, any unusual circumstances such as 
recent storms, nearby construction activity, or seasonal variations that might influence water qual-
ity parameters. Use basic Secchi disk or turbidity sensor if available, as simple visual assessments 
of water clarity can provide valuable trend information when conducted systematically for compari-
son over time. 

 

Structure-from-motion photogrammetry and multibeam sonar 

These advanced techniques generate high-resolution digital elevation models (DEMs) that enable 
precise quantification of morphological changes around boulder reefs with centimeter-scale accu-
racy. Structure-from-motion photogrammetry involves establishing ground-control markers on and 
between boulders using permanent benchmarks, then collecting overlapping imagery with ≥70% 
overlap using underwater cameras, ROV systems or drones (Ventura et al., 2022). The resulting 
images are processed using specialized software to create detailed DEMs that can detect subtle 
changes in seafloor topography, scour pit development, and sediment redistribution patterns 
around restored structures. Multibeam sonar applications complement photogrammetry by provid-
ing broader-scale bathymetric mapping capabilities that can detect subtidal sediment transport pat-
terns and monitor changes in seafloor morphology over time (Ferrini & Flood, 2005). Sonar sys-
tems map larger areas more efficiently than photogrammetry and provide baseline data essential 
for hydrodynamic modelling efforts. Both techniques allow to compare successive surveys through 
GIS analysis, quantifying changes in scour pit depth and area while tracking the evolution of sedi-
ment deposits and erosional features that indicate the effectiveness of boulder reef restoration in 
coastal protection. 

 

Acoustic Doppler Current Profiling (ADCP) 

Acoustic Doppler Current Profiling (ADCP) offers a high-resolution view of the three-dimensional 
flow field around reef and boulder structures, allowing to link hydrodynamic forcing to patterns of 
sediment transport, erosion and habitat development over time. This represents an expert-level ap-
proach to hydrodynamic monitoring, linking detailed flow measurements directly to sediment 
transport processes and restoration design optimization (Kostaschuk et al., 2005). Deploy ADCP 
instruments 0.5-1 m above the seabed to record three-dimensional velocity profiles at 1 Hz fre-
quency, providing detailed data on water movement and hydrodynamic conditions around boulder 
reef structures.  

ADCP data serves multiple applications including identifying specific flow conditions that drive ero-
sion around boulder structures, validating hydrodynamic models used for restoration design, and 
determining critical flow velocities for sediment entrainment. This information links observed ero-
sion patterns with hydrodynamic forcing conditions, enabling adaptive management decisions 
about boulder placement, sizing, and orientation. The velocity profiles also provide essential 
ground-truth data for numerical models, improving predictions of restoration performance under 
different environmental scenarios and supporting evidence-based design modifications for future 
restoration projects. 
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Remote sensing and hydrodynamic modelling 

Remote sensing using satellites or aerial platforms generates large-scale seafloor maps and tracks 
shoreline changes over time, providing data on wave energy dissipation patterns, sediment redis-
tribution at landscape scales, and long-term coastal protection effectiveness. These methods ena-
ble assessment of how boulder reef restoration integrates with adjacent coastal management ef-
forts and contributes to broader ecosystem services. Satellite imagery and aerial photography can 
detect changes in coastal morphology, vegetation patterns, and sediment plume distribution that 
indicate the far-field effects of restoration activities. 

Hydrodynamic modelling complements observational data by simulating flow dynamics, sediment 
transport, and wave interactions with restored reefs, enabling prediction of restoration performance 
under different environmental scenarios. These numerical models integrate bathymetric data, wave 
climate information, and tidal forcing to predict how restored reefs will perform under various condi-
tions including storm events, sea level rise, and seasonal variations. 

 



 

 

 

Table 7. Overview of ecosystem function Erosion-sediment stability provided by boulder reefs. The table highlights key parameters, data outputs, expertise levels required (volun-
teer or expert), the essential or additional nature of methods, scale of application, timeframe, and associated strengths and weaknesses 

Supporting 
ES 

Ecosystem  
function 

Indicator Product Method 

Scientific (S) 
Non-scien-

tific (N) 

Expertise 
level: Spe-
cialist (S) 

Volunteer (V) 

Essential  
(E) 

Complemen-
tary (C) 

Scale Strength  Weakness Processing Level  
Units 

Timeframe 
 frequency 

Performance  
Criteria 

Erosion – 
sediment 
stability 

Erosion – sedi-
ment stability 

Visual surveys Diving N S/V E 100 m 

Direct visual as-
sessments, habi-
tat-specific de-
tails 

Requires training, 
limited area, 
weather depend-
ent 

Qualitative, observations 
on boulder stability, sedi-
ment accumulation pat-
terns, erosion, changes in 
substrate composition, 
and overall structural in-
tegrity of reef 

Before restoration 
1-2 months after reef establishment  
Follow-up ~1 yr after reef establishment 
(same season) 
Annual thereafter. To capture detailed data: 
Monthly/seasonally 

Short-term (1-3 yrs): Visible 
settlement and structural integ-
rity of boulders maintained (no 
collapse, minimal movement). 
Long-term (>5 yrs): Reef struc-
ture remains stable, minimal 
erosion or displacement. 

Sediment flux rates Sediment traps S S/V E/C m 
Direct measure-
ment of sediment 
transport 

Short deploy-
ment periods, 
weather depend-
ent 

Quantitative, expert: 
g·m⁻²·day⁻¹, sediment flux 
rates  

Before restoration 
1-2 months after reef establishment  
Follow-up ~1 yr after reef establishment 
(same season) 
Annual thereafter. To capture detailed data: 
Monthly/seasonally 

Short-term (1-3 yrs): Sediment 
flux reduced vs. baseline  
Long-term (>5 yrs): Sustained 
reduction of sediment flux rela-
tive to baseline over 1+ years; 
stable or declining trend across 
seasons. 

Sediment structure Sediment sam-
pling (e.g., cores)  S/N S/V E m 

Long-term 
trends, detailed 
information 

Time-intensive, 
requires exper-
tise 

Sediment size classes, 
porosity, porosity, bulk 
density 

Before restoration 
1-2 months after reef establishment  
Follow-up ~1 yr after reef establishment 
(same season) 
Annual thereafter. To capture detailed data: 
Monthly/seasonally 

Short-term (1-3 yrs): Early evi-
dence of reduced sediment re-
suspension and accumulation 
patterns indicating initial stabili-
zation. 
Long-term (>5 yrs): Sustained 
changes in sediment structure 
showing reduced transport and 
accumulation patterns con-
sistent with long-term stabiliza-
tion. 

Water turbidity/Chl/nu-
trients  Water sampling S/N S/V E/C m 

Real-time data 
collection, versa-
tile, broad range 
of data 

Requires mainte-
nance, may need 
calibration 

Quantitative, volun-
teer/expert: Chl-a (μg/L), 
nutrients (mg/L), O₂ 
(mg/L), turbidity  

Before restoration 
1-2 months after reef establishment  
Follow-up ~1 yr after reef establishment 
(same season) 
Annual thereafter. To capture detailed data: 
Monthly/seasonally 

Short-term (1-3 yrs): Turbidity 
reduced relative to baseline. 
Long-term (>5 yrs): Turbidity 
consistently lower than base-
line; nutrient levels stable or 
slightly reduced seasonally over 
multiple years. 

Flow velocity profiles, 
velocity data, bed 
shear stress, velocity 
profiles 

Acoustic Doppler 
Current Profiling 
(ADCP) 

S S C m/s 

Precision 3D ve-
locity data, links 
erosion to hydro-
dynamics 

Expensive, re-
quires expertise, 
weather depend-
ent 

Quantitative, expert: bed 
shear stress (Pa), velocity 
profiles (m/s), flow pat-
terns  

Before restoration 
1-2 months after reef establishment  
Follow-up ~1 yr after reef establishment 
(same season) 
Annual thereafter. To capture detailed data: 
Monthly/seasonally 

Short-term (1-3 yrs): Measura-
ble reduction in bed shear stress 
within 1–2 months. 
Long-term (>5 yrs): Sustained 
reduction in bed shear stress 
and stable flow patterns pre-
venting erosion for multiple 
years. 

Digital elevation mod-
els 

Multibeam so-
nar/Structure-
from-motion 
photogrammetry 

S S c 100 m 
High-precision 
mapping, de-
tailed analysis 

Time consuming, 
requires exper-
tise, processing 
intensive 

Quantitative, expert: 3D 
models, scour pit depth 
(cm), area (m²)  

Before restoration 
1-2 months after reef establishment  
Follow-up ~1 yr after reef establishment 
(same season) 
Annual thereafter. To capture detailed data: 
Monthly/seasonally 

Short-term (1-3 yrs): No signifi-
cant collapse detected in initial 
post-deployment surveys. 
Long-term (>5 yrs): Stable or 
minimal change in reef elevation 
profiles over 1+ years. 

Seafloor maps 
Remote sensing 
– hydrodynamic 
models 

S S C ha 
Broad range of 
data on large 
area 

Requires exper-
tise, time-inten-
sive data pro-
cessing 

Seafloor maps, hydrody-
namic models 

Before restoration 
1-2 months after reef establishment  
Follow-up ~1 yr after reef establishment 
(same season) 
Annual thereafter. To capture detailed data: 
Monthly/seasonally 

Short-term (1-3 yrs): Minor de-
tectable changes in reef area. 
Long-term (>5 yrs): Minimal 
erosion or sediment loss over 
large scale (ha) for multiple 
years. 



 

 

Biodiversity enhancement 
Biodiversity recovery following boulder reef restoration is a gradual process that progresses over 
an extended timeframe. Initial colonization by opportunistic pioneer species often occurs within the 
first year. However, the development of a stable and diverse community, including the reestablish-
ment of functional food webs, typically requires 5–12 years or longer. This progression is shaped 
by factors such as local environmental conditions, the proximity of source populations, and the 
structural complexity of the restored reef.   

Restored boulder reefs not only enhance biodiversity within the site but also contribute to broader 
ecological functionality for example through reef effect (offering shelter and spawning habitats) and 
spillover effect (whereby increased biomass emigrates to adjacent areas, supporting surrounding 
food webs and fisheries). These effects are particularly impactful when restored reefs are situated 
close to natural, undisturbed reefs or other habitats (i.e. eelgrass beds or biogenic reefs), which 
serve as reservoirs of species and accelerate colonization. In this way, it is possible to create a 
connected and functional seascape, strengthening ecological resilience and supporting ecosystem 
services on a larger scale. This connectivity is crucial for sustaining healthy marine environments 
and maximizing the benefits of restoration efforts. 

The succession of species on restored boulder reefs begins with the colonization by pioneer spe-
cies, i.e., fast-growing, opportunistic organisms. The goal is the formation of a climax community, a 
relatively stable and diverse assemblage of species, including K-strategy and keystone species, 
characterized by slower growth rates, longer lifespans, and higher competitive abilities, contribute 
to the reef's structural complexity and ecological stability (Taormina et al., 2020). Indeed, a climax 
community encompasses species across various trophic levels, including predators, herbivores, 
and detritivores, which together support food webs and functional diversity. Achieving a climax 
community can take decades, depending on factors such as environmental conditions, habitat con-
nectivity, and species availability. The transition from pioneer species to a climax community is a 
crucial process for ensuring the long-term ecological success of boulder reef restoration. 

Monitoring biodiversity during this process should initially focus on metrics such as habitat cover-
age and species abundance in the first years following restoration (Table 8). These early metrics 
provide essential insights into colonization patterns, the establishment of pioneer species, and the 
development of structural complexity within the restored reef. Tracking these parameters helps as-
sess the initial progress of the restoration and the effectiveness of habitat creation. 

As restoration progresses and the ecosystem matures, later monitoring efforts should assess food 
web complexity and functional diversity. These advanced metrics evaluate the ecological interac-
tions, trophic levels, and overall functionality of the reef, providing a deeper understanding of eco-
system stability and long-term success. This phased approach to monitoring ensures that restora-
tion outcomes are thoroughly evaluated across both early and later stages of ecological recovery. 

 

Methods to assess habitat coverage 
Habitat coverage assessment forms a fundamental component of boulder reef restoration monitor-
ing, providing essential data on reef structure, spatial extent, and physical characteristics that sup-
port ecosystem recovery. Remote sensing technologies including satellite imagery, aerial drone 
surveys, underwater ROV systems, and traditional diving surveys all offer valuable approaches for 
documenting habitat coverage, though each method provides different spatial scales, resolution 
levels, and accessibility for various project types. While these same survey methods can be effec-
tively deployed for detailed species identification and abundance assessments—applications that 
will be described in the subsequent chapter, this section focuses specifically on their application for 
quantifying habitat extent, structural complexity, and spatial distribution of restored boulder reef 
features.  
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Drone 

Drones, or unmanned aerial vehicles (UAVs), are increasingly effective tools for monitoring boulder 
reef restoration, bridging the gap between the detailed, small-scale coverage of scuba or diving 
surveys and the broader geographic range of satellite imagery. UAVs are equipped to collect aerial 
images of reef environments by flying pre-programmed flight paths, either capturing downward (na-
dir) or oblique-angle images that provide comprehensive spatial documentation of restoration sites. 
These images can be employed for mapping habitat features and extent, monitoring changes in 
substrate structure, documenting presence of dominant species, and tracking temporal changes in 
reef configuration and surrounding sediment patterns. 

Modern drones are compatible with advanced sensors, including hyperspectral cameras, LiDAR, 
and thermal infrared systems, which provide high-resolution data tailored for detecting underwater 
features and distinguishing between different substrate types (Hamylton, 2017). Hyperspectral 
sensors enable differentiation between algae species, sediment types, and reef structures through 
spectral signature analysis, while LiDAR systems can penetrate shallow water to create detailed 
bathymetric maps of reef topography. Although UAVs provide high-resolution imagery with pixel 
sizes typically ranging from 2-10 cm depending on flight altitude, their spatial coverage is con-
strained by battery life (typically 20-40 minutes of flight time), often necessitating multiple flights 
with systematic overlap patterns to map extensive reef areas comprehensively. 

To optimize results and ensure data quality, flights should be conducted between 30 and 80 m alti-
tude at 3–5 m/s during mid-morning or late afternoon when sun angles provide optimal water pene-
tration and minimal glare, under calm conditions (wind < 5 m/s) with minimal cloud cover or haze 
that could affect image quality. Water clarity significantly impacts the effectiveness of drone sur-
veys, with optimal conditions requiring visibility >2 meters for substrate identification and >4 meters 
for detailed species recognition, making timing relative to tidal cycles, weather patterns, and sea-
sonal algal blooms critical for successful data collection. Flight planning software enables auto-
mated mission execution with predetermined waypoints, overlap percentages (typically 70-80% 
forward and side overlap), and camera trigger intervals that ensure complete coverage and facili-
tate subsequent photogrammetric processing. 

Automated algorithms and machine learning approaches can facilitate periodic revisits to restora-
tion sites by enabling consistent flight patterns and automated feature detection, while structure-
from-motion photogrammetry techniques and improved CCD cameras expand the scope and accu-
racy of data collection by creating detailed 3D models and orthomosaic maps from overlapping im-
agery. Post-processing workflows typically involve image alignment, dense point cloud generation, 
and digital surface model creation that enable quantitative analysis of habitat coverage, reef struc-
tural complexity, and temporal changes in restoration site characteristics. The resulting products 
include georeferenced orthomosaic images, digital elevation models, and classified habitat maps 
that provide essential baseline data for adaptive management and long-term monitoring of restora-
tion success, though interpretation of underwater features requires validation through ground-truth-
ing with diving or ROV surveys to ensure accurate species identification and habitat classification. 

 

Methods for sampling epifauna species, macroflora, infauna and mobile macrofauna 
Monitoring epibenthic species on boulder reefs can be accomplished through a diverse range of 
techniques that vary in complexity and resource requirements. Advanced methods including eDNA 
sampling, baited and unbaited remote video systems, drop cameras, and settlement monitoring 
panels provide comprehensive data on habitat coverage, species density, and community compo-
sition. Settlement plates and ARMS (Autonomous Reef Monitoring Structures) serve as particularly 
effective tools for tracking colonization patterns and community development over extended time 
periods, offering insights into succession dynamics and species interactions. These sophisticated 
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approaches generally require specialized expertise and substantial resources, making them most 
suitable for expert-led research projects with dedicated analytical capabilities. 

Advanced technologies such as high-functionality drones and professional ROVs operated by 
trained specialists can significantly enhance habitat mapping precision and species diversity as-
sessments across larger spatial scales. However, more accessible alternatives including mini-
ROVs and traditional diving surveys can be effectively deployed by volunteers and citizen scien-
tists with appropriate training. The taxonomic resolution and ecological detail achievable through 
these various approaches depend largely on camera resolution and system capabilities, with 
higher-quality equipment enabling more precise species identification and detailed documentation 
of ecosystem functionality, food web interactions, and the complex composition of developing eco-
logical communities on restored boulder reef structures. 

 

Diving (photo-quadrat or video-transects) 

Diving and visual surveys, whether conducted by trained citizen scientists or experts, are critical for 
assessing habitat coverage and species abundance.  

A comprehensive diving protocol, along with relative schedules and charts for data collection, has 
been developed for the Vordingborg Municipality to standardize monitoring efforts for boulder reef 
restoration. This protocol provides detailed instructions for divers to systematically collect reliable 
and consistent data, ensuring both safety and effective documentation. For details, see document 
from the Center of Marine Restoration ‘Guidelines for Monitoring Boulder Reefs Using AI-Assisted 
Photo documentation Methods’(Christensen & Staehr, 2025). 

The protocol includes guidance on conducting transect-based surveys, where divers measure and 
document key parameters along fixed distances (e.g., 30 meters), keeping a defined distance from 
the bottom (1 m). Observations focus on substrate composition, including mud, sand/gravel, small 
stones, and large boulders, as well as associated flora and fauna such as seagrass, algae, fish, 
and invertebrates. Observations can be made using still photographs—taken with randomly placed 
0.5 cm² quadrats about 1 m above the seabed—or by video recordings along 10 m transects at 1–
2 m/s, with the total transect length reported, as well as GPS coordinates.  

Divers are equipped with schedules and charts to record these observations, including GPS posi-
tion of start and end of transect, substrate types, species presence, and depth profiles, which are 
essential for monitoring ecological recovery and habitat dynamics. 

Divers work in pairs, with one responsible for deploying and measuring transects using tools like 
tape measures and metal skewers, while the other documents observations using a photo frame 
and records data in the provided schedules. To ensure consistent data collection, all photos are 
named systematically to match transect numbers and distances, facilitating easy cross-referencing 
during analysis. 

For substrate sampling on boulder reefs, place a quadrat securely on a representative surface. All 
visible organisms and encrusting flora within the quadrat can be collected either by scraping or us-
ing a siphon (e.g., sorbona). This approach ensures the recovery of vagile organisms as well as 
fragments of fronds or substrate hosting encrusting biota. Samples can then be used for biomass 
estimation, either as wet weight (immediate weighing) or dry weight depending on the study objec-
tives. 
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ROV 

ROV surveys offer significant advantages in spatial coverage over traditional diver-based methods 
by systematically running linear transects, typically 50–100 m in length at a steady speed of 0.5-1 
m/s around restored boulder reefs. These systematic survey patterns enable comprehensive docu-
mentation of reef structures and associated communities while maintaining consistent data collec-
tion protocols that minimize observer bias and ensure repeatable measurements across multiple 
survey periods. Data recording capabilities include high-definition video footage (minimum 1080p 
recommended), still photography at predetermined intervals, real-time depth and temperature log-
ging, and compass heading information that collectively provide detailed documentation of sub-
strate composition, species presence and abundance, habitat complexity, and structural integrity of 
restored reef components. Each transect run should be georeferenced, while the ROV continu-
ously logs depth, heading, and timestamped imagery throughout the survey to create a detailed 
spatial record of observations. Establishing fixed reference points using permanent markers, dis-
tinctive boulder formations, or deployed reference structures enables precise positioning and facili-
tates repeated surveys of identical transects over time, essential for detecting temporal changes in 
reef communities and structure. For ROV systems without integrated GPS capabilities, positioning 
can be achieved by deploying a GPS unit on a surface buoy connected to the ROV via an elastic 
tether, though this approach may introduce positional uncertainty of 2-5 meters in areas with 
strong currents or wave action that could affect data georeferencing accuracy and require post-
processing correction using visual landmarks. Professional ROV systems offer extended opera-
tional capabilities and can operate at depths well beyond diving limits, making them valuable for 
monitoring deeper restoration sites or areas with challenging access conditions. However, their op-
erational range remains constrained by practical limitations including battery life and onboard data 
storage capacity, requiring careful mission planning to optimize survey coverage within these con-
straints and consideration of data compression settings to maximize recording duration. Water visi-
bility significantly affects survey effectiveness, with optimal conditions requiring visibility >3 meters 
for species identification and >1.5 meters for basic habitat assessment, while turbid conditions may 
necessitate slower survey speeds (0.3-0.5 m/s) and closer proximity to substrates to maintain data 
quality. Seasonal variations in visibility due to phytoplankton blooms, sediment resuspension, or 
freshwater runoff should be considered when planning survey schedules, with post-storm periods 
often providing clearer water conditions optimal for detailed ROV surveys. Data processing re-
quires specialized software for video analysis, with footage typically reviewed at 1-4x speed for 
species identification and habitat characterization, while still images extracted at regular intervals 
(every 10-30 seconds) enable detailed substrate analysis and percent cover calculations using 
point-intercept or quadrat-based methods. In very shallow reef zones, strong wave action and tight 
spaces between boulder structures may significantly limit ROV manoeuvrability and compromise 
data quality through increased turbidity, unstable camera positioning, or potential collision risks 
with reef structures, requiring modified survey protocols with shorter transect segments and in-
creased use of hover stations for detailed observations. For citizen science applications, ‘mini-
ROVs’ provide a lighter, more cost-effective alternative that enables volunteers trained in standard 
survey protocols to underwater surveys on shorter transects (20–50 m) at similar operational 
speeds (0.5-1 m/s). These smaller systems typically offer 2–4 hours of battery life, simplified con-
trol interfaces, and basic data logging capabilities that make them accessible to non-expert opera-
tors while still providing valuable data on species presence, habitat characteristics, and basic com-
munity structure parameters that contribute to overall restoration monitoring objectives. 

 

Drop-camera  

Drop cameras are an effective and versatile tool for monitoring boulder reef restoration, allowing 
the quantification of habitat extent and community relationships by capturing video footage of the 
boulder reef and its associated species (Easton et al., 2015). 
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During deployment, the camera is lowered to a predetermined depth and placed at a fixed distance 
from the boulder reef, then held stationary for a few minutes to prevent sediment resuspension and 
ensure full quadrat coverage, while georeferencing the site and recording the exact depth. Footage 
is analysed post-deployment to assess species presence, abundance, and behaviour, as well as 
habitat characteristics. It is fundamental to standardized deployment durations, angles, and site 
conditions (e.g., visibility and current strength) to ensure consistency and comparability across 
sampling events. This method is particularly useful in areas with limited diver access, providing a 
cost-effective, non-invasive tool for tracking ecological recovery and habitat changes in boulder 
reef restoration projects. However, in Danish waters, visibility can be highly variable due to sus-
pended sediments and seasonal algal blooms, which may affect the quality of footage. For 
nighttime surveys, artificial lighting is necessary to ensure adequate visibility, but excessive illumi-
nation may influence species behaviour and introduce biases in monitoring results. 

 

Baited remote underwater video systems (BRUVS) and unbaited underwater video systems (UB-
RUVS) 

Baited and Unbaited Remote Underwater Videos Systems (BRUVS/UBRUVS) (Figure 5) offer a 
non-invasive and standardized method for monitoring fish diversity, abundance, and behaviour in 
boulder reef restored areas. BRUVs are particularly effective for observing species that are shy, 
highly mobile, or difficult to detect using traditional methods. The bait plume draws vertebrates and 
invertebrates into the recording area, allowing researchers to identify, count, and estimate the size 
of observed species.  

The parameters recorded during BRUV deployments (Table 9) include species presence and rela-
tive abundance, often measured as the maximum number of individuals visible at one time (MaxN). 
Behavioural observations, such as species interactions, feeding habits, and territorial displays, are 
also documented, along with habitat features like substrate type, topography, and associated flora 
and fauna visible in the footage. They effectively attract a wide variety of species, increasing data 
richness and are suitable for deployment across a range of depths and habitats, from shallow 
coastal areas to deeper marine zones. UBRUVS rely on organisms naturally passing through the 
camera's field of view without the influence of a bait plume, making them ideal for assessing spe-
cies-habitat relationships without potential biases introduced by bait. While UBRUVS often record 
fewer individuals due to the absence of bait attraction, they can provide more robust data on natu-
ral species distributions and behaviours.  

For successful application, bait selection for baited system and deployment protocols for both type 
of systems must be standardized to ensure consistency across sampling efforts. The spacing be-
tween BRUV units must account for the range of the bait plume to maintain sampling independ-
ence, while environmental factors such as water visibility and current strength should be carefully 
considered during study design. Advanced setups—such as stereo-video systems—can further im-
prove BRUV deployments by delivering accurate size estimates and three-dimensional reconstruc-
tions of the survey area. For best results, use high-resolution cameras (at least 1080p) shooting a 
minimum of 30 fps to minimize motion blur, allow a brief acclimation period for animals after de-
ployment, and record the exact GPS coordinates. 
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Figure 5. UBRUVS with GoPro’s camera (bottom). 

 

Table 9. Summary of parameters for monitoring boulder reef restoration using Baited and Unbaited Remote Underwater 
Video systems (BRUVS and UBRUVS). 

Parameter Description Units 
Deployment 

area 
Define the specific area for BRUV deployment, in-
cluding GPS coordinates or predefined zones 

GPS coordinates, transect ID, or descriptive 
location name 

Depth Record the depth at which the BRUV is deployed  m 

Field of view Document the effective field of view for the camera 
(e.g., angular range, distance) 

Angular range (degrees) or estimated dis-
tance (meters) 

Species 
presence 

Record which species are observed in the video 
(presence/absence) Presence/absence or species list 

Species 
abundance 

Estimate the relative abundance of species using 
metrics like MaxN (maximum number visible at one 
time) 

Count of individuals visible at one time 
(MaxN) 

Behavioral 
observations 

Note any significant behaviours such as feeding, 
territoriality, or predator-prey interactions Descriptive  

Habitat 
characteristics 

Describe visible substrate types, vegetation, and  
associated fauna within the field of view 

Descriptive (e.g., sand, rock, seagrass) or 
quantitative (%), supplemented with video or 

photos 
Deployment 

duration 
Specify how long the BRUV was deployed at the 
site (e.g., in minutes or hours) Minutes or hours 

Environmental  
conditions 

Record water visibility, current strength, and other 
relevant environmental factors during deployment 

Qualitative (e.g., poor, moderate, excellent 
visibility) or quantitative measurements 

 

eDNA 

eDNA metabarcoding offers a rapid, high-throughput method for monitoring boulder reef biodiver-
sity by extracting DNA from different compartments such as water and sediment/substrate scrap-
ings: water samples capture recent, transient or pelagic species before DNA degrades, while sedi-
ment or substrate samples provide a more persistent record of benthic communities. All tools used 
to collect samples must be sterilized beforehand with 10% bleach or ethanol and gloves need to be 
worn to ensure sterility. Using a water sampler (e.g. niskin bottle) water must be collected at a cer-
tain depth and approximately 0.5-1.5 L through the sterivex filter attached to the pump through sili-
cone tubing, placing the sterivex in a graduated container to check for water volume filtered (Figure 
6). Between sites, the pump should be flushed 5-6 times with local water and/or sterilize with 10% 
bleach or ethanol. For sediment sampling, divers or snorkelers should first position and photograph 
a quadrat randomly on boulders/sediment, scrape biofilm and organisms in multiple directions, and 
deposit material into labelled tubes/buckets. Water samples must be kept on ice in the field and 
directly frozen at -20 °C or -80 °C after filtering, and shipped to specialized laboratories for DNA 
extraction, sequencing and analysis. Scraping/sediment samples must be kept on ice and frozen 
or directly preserved in ethanol 96-100%. 
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Figure 6. Water pump with silicone tubing and sterivex attached.  

 
ARMS (Autonomous Reef Monitoring Structures) and settlement plates 

Autonomous Reef Monitoring Structures (ARMS) and settlement plates are valuable tools for moni-
toring biodiversity at boulder reef restoration sites. ARMS are internationally standardized devices 
deployed globally (https://www.oceanarms.org/deployments/search) designed to assess hard ben-
thic substrates by monitoring both motile organisms inhabiting their three-dimensional structure 
and sessile organisms attached to the plates during deployment. ARMS perfectly mimic the com-
plexity of boulder reef habitats, providing shelter for small invertebrates and fish while also serving 
as a substrate for sessile organisms. Samples from ARMS are analysed through a combination of 
morphological and genetic techniques, with motile organisms sorted into size fractions and sessile 
organisms scraped after photo-documentation. Settlement plates, while lacking the three-dimen-
sional complexity of ARMS, are simpler to deploy and retrieve, making them accessible for use by 
citizen scientists or volunteers. Like ARMS, settlement plates support the integration of photog-
raphy, morphological taxonomy, and possibly eDNA metabarcoding biodiversity monitoring in natu-
ral/restored areas. ARMS should be deployed for a minimum of 6-12 months to allow sufficient 
time for community development and colonization by cryptic organisms (Obst et al., 2020). For 
studies on temporal succession, deployments can extend over several years with regular monitor-
ing intervals. To ensure statistical robustness and account for spatial variability, a minimum of 3 
ARMS units should be deployed as replicates at each study site, positioned at similar depths and 
environmental conditions to serve as biological replicates, preferably at a distance of around 10 m 
from each other to obtain a comprehensive representation of surrounding communities and to im-
prove statistical power for comparative analysis (Obst et al., 2020; Pearman et al., 2020; Sem-
biring et al., 2023). When deployed, ARMS units can be bolted directly onto boulder reefs or posi-
tioned on 50 × 50 cm tiles and set within about 5 m of the reef (Figure 7). Upon retrieval, each 
plate is dismantled: sessile organisms are scraped or brushed off, while motile fauna is washed 
and size-fractionated through sequential sieves, then morphologically sorted for voucher speci-
mens and preserved (typically in >90% ethanol) for downstream DNA barcoding and metabarcod-
ing. Before imaging, all containers and tools are bleached, rinsed, and handled with gloves; plates 
are placed one at a time in a bleached photo tray in filtered seawater, labeled with Site-ARMS-
Plate tags, and photographed, first overall, then with 4-9 overlapping close-ups per side (15-20% 
overlap). High-resolution plate images are white-balanced, cropped, and resized (≈5000×5000 px 
at 300 dpi) before annotation in CoralNet using a standardized ARMS label set and uniform grid of 
points. Finally, annotated data are exported as percent-cover and point-by-point CSV files, ad-
justed for unavailable settlement space, and merged with metadata for comparative biodiversity 
analyses across sites and time (https://naturalhistory.si.edu/research/global-arms-program/proto-
cols). 
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Figure 7. A) ARMS anchored on a 50 x 50 cm cement tile and submerged buoy attached. B) ARMS deployed close to 
restored boulder reef. 

 



 

 

Table 8. Overview of ecosystem function Biodiversity enhancement provided by boulder reef restoration. The table highlights key parameters, data outputs, expertise levels re-
quired (volunteer or expert), the essential or additional nature of methods, scale of application, timeframe, and associated strengths and weaknesses. 

Supporting 
ES 

Ecosystem  
function 

Indicator Product Method 

 
Scientific 

(S) 
Non-sci-

entific (N) 

 
Expertise 

level: Spe-
cialist (S) 
Volunteer 

(V) 

Essential 
(E) 

Comple-
mentary 

(C) 

Scale Strength  Weakness Processing 
Level Units 

Timeframe 
 frequency 

Performance  
Criteria 

Biodiversity 
enhancement 

Habitat coverage Coverage of reef or 
macro species Drone S/N S/V C ha 

Rapid and cost-ef-
fective for large-
scale coverage 

Only surface areas, de-
pends on weather con-
ditions 

Habitat area (m2) 

Before restoration 
1-2 months after reef establish-
ment  
Follow-up ~1 yr after reef estab-
lishment (same season) 
Annual thereafter 

Short term (1-3 yrs):  Indication 
of higher biodiversity and abun-
dance on restored sites com-
pared to control sites 
Long term (>5 yrs): Statistically 
higher biodiversity and abun-
dance 

Infauna/epi-
fauna/macroflora/
mobile macrofauna 

Habitat coverage, 
species abundance/ 
diversity/functionality, 
food-web complexity 

Diving (quadrat or 
video transects) N S/V E/C 100 m Rapid and cost- ef-

fective, detailed Limited area 
Qualitative/quan-
titative Num-
ber/m2  

Before restoration. 
1-2 months after reef establish-
ment  
Follow-up ~1 yr after reef estab-
lishment (same season) 
Annual thereafter 

Short term (1-3 yrs):  Indication 
of higher biodiversity and abun-
dance on restored sites com-
pared to control sites.  
Long term (>5 yrs): Statistically 
higher biodiversity and abun-
dance 

ROV N S/V E/C m 
Direct visual as-
sessments, habitat-
specific details 

Requires expertise, 
time-intensive data 
processing, requires 
expertise, depends on 
weather conditions 

Habitat area/cov-
erage, species 
count (n), den-
sity/abundance 
of fish and pe-
lagic/benthic 
megafauna, com-
munity structure 

Before restoration. 
1-2 months after reef establish-
ment  
Follow-up ~1 yr after reef estab-
lishment (same season) 
Annual thereafter 

Short term (1-3 yrs):  Indication 
of higher biodiversity and abun-
dance on restored sites com-
pared to control sites.  
Long term (>5 yrs.): Higher bio-
diversity and abundance 

BRUVS/UBRUVS S S C m 
Direct visual as-
sessments, habitat-
specific details 

Expensive, time-inten-
sive data processing 

Species count 
(n), den-
sity/abundance 
of fish and pe-
lagic/benthic 
megafauna, food 
web dynamics 

Before restoration. 
1-2 months after reef establish-
ment  
Follow-up ~1 yr after reef estab-
lishment (same season) 
Annual thereafter 

Short term (1-3 yrs):  Indication 
of higher biodiversity and abun-
dance on restored sites com-
pared to control sites.  
Long term (>5 yrs.): Statistically 
higher biodiversity and abun-
dance 

 Drop camera 
 N S/V E/C m 

Easy to use, cost-ef-
fective, broad range 
of data 

Lower taxonomic reso-
lution, small area 

Species count 
(n), den-
sity/abundance 
of fish and pe-
lagic/benthic 
megafauna, com-
munity structure 

Before restoration. 
1-2 months after reef establish-
ment  
Follow-up ~1 yr after reef estab-
lishment (same season) 
Annual thereafter 

Short term (1-3 yrs):  Indication 
of higher biodiversity and abun-
dance on restored sites com-
pared to control sites.  
Long term (>5 yrs): Statistically 
higher biodiversity and abun-
dance 

 eDNA S S C 100 m 

Fast sampling, de-
tect many species 
including cryp-
tic/NIS, good snap-
shot of the commu-
nity 

No abundance data, 
false positives, expen-
sive processing, lack-
ing reference for many 
species in database 

Species count (n) 
of benthic (from 
scrapings/pan-
els) or plank-
ton/nekton (wa-
ter sampling) 

Before restoration. 
1-2 months after reef establish-
ment  
Follow-up ~1 yr after reef estab-
lishment (same season) 
Annual thereafter 

Short term (1-3 yrs):  Indication 
of higher biodiversity and abun-
dance on restored sites com-
pared to control sites.  
Long term (>5 yrs): Statistically 
higher biodiversity and abun-
dance 

 Settlement 
plates/ARMS  

S S C m 

Long-term insights 
into colonization 
and community dy-
namics 

Results take months to 
develop, time-intensive 
data processing 

Habitat area/cov-
erage, species 
count (n), abun-
dance/coverage, 
community 
structure 

Before restoration. 
1-2 months after reef establish-
ment  
Follow-up ~1 yr after reef estab-
lishment (same season) 
Annual thereafter 

Short term (1-3 yrs):  Indication 
of higher biodiversity and abun-
dance on restored sites com-
pared to control sites.  
Long term (>5 yrs): Statistically 
higher biodiversity and abun-
dance 
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Eelgrass meadows  
The most essential monitoring activity after eelgrass restoration is tracking the development of the 
transplantation in terms of shoot density, biomass and coverage area. These parameters indicate 
whether the restoration is successful and provide valuable insights for future restoration projects. 
At the same time, increases in shoot density, biomass, and area form the basis for the ecosystem 
functions that develop, making them important supporting parameters. In relation to measuring as-
sociated ecosystem functions, the restoration area and its development are particularly important 
to monitor, as the extent of the ecosystem services provided depends on the area and biomass of 
eelgrass at the restoration site. Drone mapping is a precise and cost-effective tool for tracking ar-
eal development. Monitoring of shoot density and area is described in detail in the ‘Practical Guide-
line for eelgrass transplantation’ published at Marinnatur.dk, while area specific biomass sampling 
is described in this guidelines section ‘Immobilization in the Standing Biomass’.  

This guideline describes the recommended methods for quantifying the essential associated eco-
system functions that develop through eelgrass restoration. Seagrass beds provide a range of eco-
system functions that contribute to resilient, stable, and healthy ecosystems (Nordlund et al. 2016). 
Depending on the goal of the restoration project, monitoring the development of these ecosystem 
functions should be included to assess whether the desired aims/objectives are being achieved 
through the reestablishment of this habitat type. Of particular importance, seagrass beds support 
increased biodiversity, nutrient immobilization, and improved water clarity (Nordlund et al. 2016). 
These ecosystem services are considered essential, and the following sections present recom-
mended methods for quantifying them. 

In addition to the ecosystem functions described in this guideline, eelgrass beds also provide sev-
eral other, although less essential, functions. Methods for quantifying these are not included in this 
guideline but may be incorporated into a scientific monitoring program if they are a specific focus of 
the restoration effort. These include: 

 

Coastal protection: The eelgrass canopy reduces wave energy, while the dense root zone stabi-
lizes the underlying sediment, supporting reduced erosion (Hansen &  Reidenbach 2012; Marin-
Diaz et al. 2020). This ecosystem function is technically complex to measure, and its effectiveness 
is site-specific, varying according to depth and local environmental conditions. Additionally, the ef-
fect is scale-dependent, and significant impacts require large restoration areas. Therefore, monitor-
ing this ecosystem function is not recommended as a priority. 

 

Oxygen stabilization: Eelgrass produces oxygen during the day, helping to stabilize oxygen levels 
compared to bare-bottom systems dominated by phytoplankton and opportunistic macroalgae. In 
such algae-dominated systems, biomass accumulation and decomposition occur rapidly (Flindt et 
al. 1999), leading to unstable oxygen conditions and hypoxia events. In contrast, seagrass bio-
mass decomposes slowly (Banta et al. 2004; Trevathan-Tackett et al. 2020), resulting in more sta-
ble oxygen levels in seagrass-dominated systems. This ecosystem function is unlikely to be meas-
urable at the scale of an individual restoration project, as it emerges from broader system changes 
and shifts in dominant primary producers. Therefore, monitoring this function is not recommended 
as part of a restoration project. 
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Prioritization of monitoring efforts 
The Centre for Marine Restoration recommends that as much knowledge as possible is collected 
during the coming restoration projects, as it will support planning and prioritization of future restora-
tion activities. We are aware that monitoring efforts will need to be prioritized based on available 
funding, equipment, and expertise in each restoration project. In most restoration projects, it is not 
feasible to monitor every essential ecosystem function over a long temporal scale. Therefore, the 
monitoring program and the ecosystem function(s) in focus should be chosen based on the 
aims/goals of the restoration project, while simultaneously considering available resources, both 
financially and in terms of expertise. Below are highlighted two potential approaches in designing a 
monitoring program, which reflects 1) a minimum level of monitoring with limited funds and/or ex-
pertise, and 2) a recommended monitoring program to support future knowledge-based restoration 
efforts.  

 

Minimum monitoring 
As a minimum, the monitoring plan should include monitoring of shoot densities biomass and eel-
grass area development within the restoration site. These parameters are essential to establish 
whether the restoration is successful and are described fully within the guideline ‘Practical Guide-
line for eelgrass transplantation’ and this guidelines section ‘Immobilization in the Standing Bio-
mass’. 

Previous studies in restored eelgrass meadows have consistently demonstrated a development of 
positive ecosystem functions if the habitat recovers. Accordingly, it can be assumed that the func-
tions develop if the shoot density, biomass and area increase following transplantation. A minimal 
monitoring setup should cover these parameters, while measurements of specific ecosystem func-
tions can be omitted if resources are limited. Nevertheless, information on the development of eco-
system functions can be achieved even with limited resources or minimal equipment: 

 

Biodiversity can be monitored using fyke and shrimp nets (See sections in ‘Biodiversity monitor-
ing’). 

Nutrient and carbon immobilization are based on area specific biomass sampling, which is gener-
ally straightforward to sample in the field. However, all methods require access to a laboratory with 
the capability to quantify nutrient and carbon concentrations in the biomass after sampling. In this 
instance, a potential option is to conduct field sampling and then outsource further processing to an 
external laboratory (See sections ‘Nutrient immobilization’ and ‘Carbon immobilization’ for recom-
mended methods).  

Water clarity can be monitored cost-efficiently using a secchi disc (see section ‘Water Clarity 
measured with a Secchi Disk’).  

 

Recommended monitoring is based on scientific principals and methods and is immensely valuable 
for supporting further development of restoration efforts. Available information on the development 
of ecosystem functions remains limited, and the developed functions vary according to the local 
environment. Thus, a scientific monitoring program can provide valuable information that can be 
used to better understand and predict the impacts of future restoration efforts and identify where to 
prioritize resources.  



 

58 
 

Like the minimum monitoring program, the recommended monitoring needs to include monitoring 
of shoot densities, biomass and the eelgrass area development within the restoration site. The 
monitoring can be expanded to provide more information by increasing the monitoring frequency 
and using logger systems to track environmental data, which can then be coupled with transplant 
development (See ‘Practical Guideline for eelgrass transplantation’).  

The recommended scientific monitoring program is described in detail in the sections below. For 
each ecosystem function, multiple methods are mentioned in the tables, but the following methods 
are described in detail because they are the recommended approach. 

Biodiversity should be sampled using multiple concurrent methods to accurately map the diverse 
size classes and niches within the eelgrass habitats. Sediment corer for Infauna, drop nets for epi-
fauna, and seine nets for Ichthyofauna and large crustaceans (See sections in ‘Biodiversity moni-
toring’). 

Nutrient and carbon immobilization consists of multiple subprocesses, which can be individually 
surveyed using discrete methods. Still, it should preferably be surveyed concurrently to gain infor-
mation on the full magnitude of the ecosystem functions (See sections ‘Nutrient immobilization’ and 
‘Carbon immobilization’ for recommended methods).  

Water clarity is most accurately measured using either light or turbidity logger systems (See sec-
tion ‘Water Clarity measured with Light Loggers’.  

 

Time frame 
The time frame and frequency of measurements are essential considerations when developing a 
monitoring design for a restoration project. The time frame and frequency should be aligned with 
the project's goal and resources and will be a compromise between spatial and temporal resolu-
tion.  

In eelgrass restoration, the development of associated ecosystem functions will depend on the rate 
of development in shoot density, biomass and areal coverage. Consequently, eelgrass meadows 
and their ecosystem functions can reach a stable mature state at different time scales, depending 
on the local environmental conditions. Therefore, the timeframe of the monitoring activities may 
need to be adjusted as the restored site develops. 

Depending on the ecosystem functions being monitored, different time frames for monitoring need 
to be considered. Some ecosystem functions develop rapidly (e.g., biodiversity), while others may 
first become apparent or fully developed when the meadow has achieved full coverage (e.g., water 
clarity). Monitoring programs can be divided into baseline, short-, mid-, and long-term monitoring: 

 

Baseline (Pre-restoration) 

- According to a Before-After-Control-Impact (BACI) sampling design, pre-restoration surveys 
should always be conducted. Depending on the monitored ecosystem function, this could 
be sediment samples, biodiversity, and water clarity.  

Short-term monitoring (Year 0-1) 

During the first year post-restoration, the eelgrass patches will be sparse, and the restoration area 
will largely remain unvegetated.  
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- Short-term monitoring should emphasize surveys of transplantation performance such as 
shoot density development.  

- Initial biodiversity colonization can be monitored within sparse eelgrass patches, but care 
should be taken when using destructive monitoring methods (e.g., sediment cores).  

Mid-term monitoring (Years 1-5) 

Within 1-5 years, the eelgrass patches will likely reach densities like those of nearby natural mead-
ows. As the restoration develops, it will expand into unvegetated areas between restored patches, 
increasing the overall area coverage. Depending on the restoration pattern, the area is likely not 
fully vegetated within 5 years, but most ecosystem functions will have developed within the vege-
tated patches.  

- Yearly monitoring of shoot density development combined with areal development.  
- Continue biodiversity monitoring.  
- Monitoring of nutrients immobilization 
- Monitoring of carbon immobilization 
- Monitoring of water clarity. Note that water clarity will be reliant on a high areal coverage 

before an effect can be monitored.  

Long-term monitoring (Years 5+) 

Within 5-10 years, the restored area is likely to achieve near-complete coverage. As such, most 
ecosystem functions are likely to be fully developed and comparable to natural reference mead-
ows. 

- Yearly monitoring of the area development. Shoot density can be preferably included, as it 
forms the basis of many ecosystem functions and exhibits yearly fluctuations. 

- Yearly biodiversity monitoring until a fully mature (stable state) has been achieved. After-
wards, less frequent surveys (every 2-3 years) can be conducted to track long-term 
changes.  

- Monitoring of nutrient immobilization as the meadow has fully matured.  
- Monitoring of carbon immobilization as the meadow has fully matured.  
- Monitoring of water clarity until the restoration area achieves full coverage.  

 

Biodiversity monitoring 
One of the most essential ecosystem functions of eelgrass is to provide habitat and nursery ground 
for a wide range of marine organisms. One single method would not be able to capture the wide 
range of organisms that live in eelgrass meadows, and several methods need to be utilized to cap-
ture the full range of biodiversity. 

The flora associated with eelgrass meadows is predominantly composed of epiphytic algae that 
grow on the eelgrass leaves. These algae exhibit rapid life cycles characterized by pronounced 
boom-bust dynamics, with growth and decline occurring over short and often unpredictable 
timeframes. Due to the high temporal variability and stochastic nature of their blooms, consistent 
and reliable monitoring of epiphytic algal biodiversity presents significant methodological chal-
lenges. As a result, this guideline does not include specific protocols for monitoring the biodiversity 
of epiphytic algae but will focus on the biodiversity of fauna. The coverage of epiphytic algae on the 
eelgrass leaves should, however, be monitored as a supporting parameter that indicates the level 
of eutrophication in the area. This should be done in accordance with the methods described in the 
‘Practical Guideline for eelgrass transplantation’ published at Marinnatur.dk. 
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The fauna associated with eelgrass meadows can be broadly categorized into three groups based 
on key ecological characteristics, including habitat association, body size, and motility. These traits 
directly influence the choice of appropriate sampling methods for each group. 

Infauna – Benthic macrofauna that inhabit the sediment. These species are typically small, slow-
moving or sedentary, and require sediment-based sampling techniques (e.g., cores or grabs). 

Epifauna – Mobile or sessile macrofauna residing on the sediment surface, within the eelgrass leaf 
canopy, or attached to eelgrass leaves. This group includes species with limited or no motility, and 
they are typically sampled using enclosure traps (e.g. drop nets) or suction samplers. 

Mobile macrofauna  – Fish and large crustaceans with high motility that allow them to escape small 
nets. These species move freely within and beyond the eelgrass meadow and are typically sur-
veyed using methods such as seine netting or fyke nets. 

Prior to initiating fieldwork, a clear and robust sampling design must be developed. This design 
should align with the overall project objectives and consider available financial resources and the 
level of taxonomic expertise within the project team. Ideally, the sampling approach should follow a 
Before-After-Control-Impact (BACI) design.  

Area-based methods are recommended for monitoring biodiversity in eelgrass meadows, as they 
enable direct comparisons between the spatial extent of habitat restoration and the resulting eco-
system services. By standardizing sampling to a defined area, it becomes possible to quantitatively 
assess key ecological metrics such as species richness, animal abundance and biomass in the re-
stored area. These metrics can be used to calculate essential diversity metrics such as Shannon 
Wieners diversity index and Pielou’s evenness. Additional factors that must be considered include 
sampling frequency, number of replicates and area sampled. Due to the considerable effort and 
time required to process faunal samples, it is often necessary to prioritize either high sampling fre-
quency or a high number of replicates, balancing these components according to the specific aims 
and constraints of the project. 

With regards to sampling frequency, it is important to consider seasonality, as the number of spe-
cies and their abundance and biomass will change over the course of the year. Thus, using recur-
rent sampling periods is necessary to be able to compare and monitor successional patterns over 
multiple years. 

To detect statistically meaningful patterns in biodiversity, a minimum of four replicate samples is 
recommended for each of the three faunal groups. However, for infaunal communities, it is advisa-
ble to increase the number of replicates when feasible within the project's logistical and financial 
constraints. This recommendation is based on two factors: (1) the relatively small area covered by 
each infaunal sample, and (2) the patchy, aggregated distribution patterns commonly observed 
among infaunal species within the sediment. 

With regards to the area that needs to be sampled, it is important to acknowledge that animal 
abundance varies across a range of spatial scales, depending mostly on body size, and that the 
method for capturing them must be adapted to the targeted organisms. For example, infauna such 
as polychaetes often aggregate in clusters at scales of 10 cm, mobile epibenthic macrofauna such 
as shrimp or snails can be quantified at scales of a few meters, while fish and larger crustaceans 
may be dispersed in the habitat at scales of 100 meters (Figure 8). Therefore, the sampling de-
vices used for capturing each of the fauna groups need to be dimensioned to the scale at which 
the animals are present in the ecosystem. Effective sampling of fauna with varying body sizes and 
abundances requires a hierarchical sampling design. Large, mobile species such as fish can be 
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sampled using gear that encloses a large area (e.g., a seine net, representing the largest quadrat 
in Figure 8). Within one of these large quadrats, medium-sized organisms such as shrimp and gas-
tropods are sampled using multiple sub-quadrats (e.g., with drop nets, representing the medium 
sized quadrats in Figure 8). Finally, small and highly abundant invertebrates are sampled from 
even smaller sampling units, nested within the sub-quadrats (e.g. with cores, representing the 
smallest quadrant in Figure 8). This nested approach ensures adequate representation of species 
across different size classes and mobility levels. 

 

Figure 8. Graphic representation of a recommended sampling design for capturing all three faunal groups despite their 
differences in area specific abundance and body size. The largest quadrant represents a seine net for capturing ichthy-
ofauna and large crustaceans. The medium sized sub-quadrats represent a drop net for capturing epifauna and the 
smallest quadrant represent sediment cores for capturing infauna, based on (Eleftheriou &  McIntyre 2005). 

The following sections provide detailed descriptions of the recommended methods for monitoring 
each of the three faunal groups associated with eelgrass meadows. A description of the recom-
mended methods both for experts and non-experts (e.g. volunteers) is included and it is stated in 
the header of each section whether the method is meant for experts (E) or non-experts (N). 

 

Sampling infauna with core or HAPS (E/N) 

Infauna species are those that inhabit the marine soft sediment. They are ideally collected using 
cores (e.g., HAPS or hand-held). The samples can be collected using a hand-operated, cylindrical 
sediment corer with a depth of 300 mm and a diameter of 150 mm in shallow water, either by a 
diver or a person in waders. Deeper eelgrass meadows that are sampled from boats can be sam-
pled with a HAPS core, with a depth of 315 mm and diameter of 140 mm. van Veen grabs can also 
be utilized but are not recommended in this guide, as the vertical integrity of the sample is not kept 
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and that the deepest part of the sample is not always sampled accurately do to the closing mecha-
nism of the grab.  

The core is pressed vertically into the seafloor to extract a sediment sample and then immediately 
transferred to a sieve with a mesh size of 1 mm. The clean sample is transferred to plastic contain-
ers, where they are preserved in a 4% buffered formalin solution and brought to the laboratory. In 
the laboratory, all faunae are sorted, counted, and identified to the lowest possible taxonomic level, 
ideally to species. The specimens are then oven-dried at 60 °C and weighed to determine dry bio-
mass. Subsequently, samples are incinerated in a muffle furnace at 520 °C to determine ash-free 
dry weight (AFDW). 

 

Sampling epifauna with drop net (E) 

Epifaunal species include both mobile and sessile macrofauna that inhabit the sediment surface, 
reside within the eelgrass leaf canopy, or attach directly to eelgrass leaves. To sample this faunal 
group, a drop net can be used. The drop net consists of a circular rigid metal frame with a diameter 
of 1 meter, to which a fine mesh bag (1 mm mesh size) is securely attached. The mesh bag is fit-
ted with a cod end that can be opened for efficient sample retrieval. 

Sampling is initiated by deploying the drop net from a boat directly onto the eelgrass meadow. A 
diver then collects the sample by emptying the net using a hand-help net of matching mesh size, 
and the collected organisms are transferred to a bucket. After three consecutive hand-net sweeps 
without capturing additional fauna, the drop net is visually inspected to ensure all animals have 
been collected and that the sample is complete. All specimens are then transferred to labelled zip-
lock bags and immediately frozen in the field for later processing. 

In the laboratory, samples are processed using the same methodology as for infauna: animals are 
sorted, identified to the lowest possible taxonomic level (ideally species), counted, and measured 
for biomass. Biomass is determined through drying and incineration to calculate ash-free dry 
weight. 

 

Sampling epifauna with shrimp net (N) 

Epifaunal species include both mobile and sessile macrofauna that inhabit the sediment surface, 
reside within the eelgrass leaf canopy, or attach directly to eelgrass leaves. These animals can 
also be sampled using a hand-operated shrimp net. This method is better suited for non-experts 
and volunteers, because it does not necessarily require diving, at least not in shallow eelgrass 
meadows. 

The recommended net for this method is 60 cm wide shrimp net, with a 1 mm mesh size. Sampling 
involves pushing the net firmly and quickly across the substrate along a transect with a pre-defined 
length (e.g., 6 m transects has been used in previous studies). To minimize variability due to sam-
pling technique (e.g., speed, netting force, or accuracy), it is recommended that all netting is per-
formed by a single person. This method effectively targets slow moving epifauna but underrepre-
sent fast-swimming species that escape the net. All captured organisms are transferred to a bucket 
filled with fresh seawater and the sample can either be processed directly on shore or frozen for 
later processing in the lab.  
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If the samples are processed on shore, all specimens need to be photographed with a ruler for 
scale, weighed, and identified to the lowest possible taxonomic level. Images can later be analysed 
using programmes, such as ImageJ software, to measure body sizes and determine biomass 
based on species-specific length–weight relationships. 

The laboratory procedure for drop net sampling should be followed if the samples are processed in 
the lab. 

 

Sampling ichthyofauna and large crustaceans with seine net (E) 

Fish and larger mobile crustaceans can be effectively sampled in eelgrass meadows using a beach 
seine net. While seine net dimensions may vary, it is essential that the net is capable of sampling 
an area between 250 and 1000 m², to account for the relatively low fish densities typically ob-
served in Danish coastal waters. 

A recommended configuration, used by the University of Southern Denmark (SDU) for assessing 
fish biodiversity in eelgrass habitats, consists of a seine net 5 meters wide and 2 meters high, with 
a mesh size of 3.5 mm. The net is constructed with a cod end to collect the catch, a weighted lead 
line at the bottom to ensure contact with the seafloor (capturing benthic species), and a float line at 
the top to keep the net upright in the water column. 

The net is towed across a standardized area of at least 5 × 50 meters (250 m²). After towing, the 
catch is transferred into a container filled with seawater for processing. All fish are identified to the 
lowest possible taxonomic level (ideally species), counted, and measured for total length in the 
field before being released. Fish biomass can be estimated using species-specific length–weight 
relationships, which are available from FishBase.org. 

If species identification cannot be reliably completed on site, individuals are humanely euthanized 
using a percussive blow to the head, in accordance with ethical guidelines from the Danish Animal 
Ethics Council and the European Food Safety Authority (EFSA). These specimens are then placed 
in labelled zip-lock bags and frozen for later identification in the laboratory.  

 

Sampling ichthyofauna and large crustaceans with fyke net (N) 

Fish and large crustaceans in eelgrass meadows can also be monitored using fyke nets, which are 
particularly effective for capturing demersal and nocturnally active species. Sampling with fyke nets 
is more easily accessible for volunteers (e.g. sport fishermen), than using beach seine and has 
been used with great success in projects such as the Danish Key Fisheries. The disadvantage of 
using fyke nets is that the catch is not area specific. However, it is possible to standardize the 
catch as Catch Per Unit Effort (CPUE) instead.  

The fyke nets that are common to use in Denmark are DBL 80/7 models. A standard setup involves 
deploying four fyke nets, which are emptied and maintained every 24 or 48 hours. All fish are iden-
tified to the lowest possible taxonomic level (ideally species), counted, and measured for total 
length in the field before being released. Fish biomass can be estimated using species-specific 
length–weight relationships, which are available from FishBase.org. 
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Fishing can be carried out year around, but due to national regulations, there is a closed season 
for fyke net fishing from May 10 to July 31. However, a dispensation granted by the Danish Fisher-
ies Agency could allow limited fyke net sampling during that period if all captured European eels 
(Anguilla anguilla) are immediately released in compliance with conservation regulations. 

The following table (Table 10) includes other methods for monitoring biodiversity in eelgrass mead-
ows, that are not explained in detail in this guideline but have been used in the scientific literature. 
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Table 10. Monitoring of the ecosystem function biodiversity enhancement provided by eelgrass. The table highlights key parameters, data outputs, expertise levels 
required (volunteer or specialist), the essential or complementary nature of methods, scale of application, timeframe, and associated strengths and weaknesses. 

Supporting ES 
Ecosystem func-

tion 
Indicator Fauna group Methods 

Expertise level: Spe-
cialist (S)  

Volunteer (V) 

Essential (E) 
Complementary (C) Units Scale Timeframe 

frequency Strength Weakness 

Biodiversity en-
hancement 

Species richness, 
abundance, bio-
mass, composi-

tion, diversity, 
evenness 

Infauna 

Sediment cores S/V E 
Species list, spe-
cies richness per 
sample, abun-
dance ind. per 
m2, biomass g 
AFDW m-2 

cm 

Before resto-
ration. 
 
1-2 months 
after eelgrass 
restoration 
(aug or sep).  
 
1 yr after res-
toration 
(same sea-
son as 2nd 
monitoring). 
 
Annual there-
after. 

Strong scientific consensus 
about the method, reliable, 
strong area specific quanti-
fication 

Small sampling 
area, many sam-
ples required, 
time consuming 
in the lab, re-
quires taxonomic 
expert 

Grab S C 

eDNA S C 

Species list, spe-
cies richness, 
presence/ ab-
sence data 

100 m to km 
Fast sampling, covers large 
areas to get a snapshot of 
community 

Expensive, quan-
tification uncer-
tain 

Epifauna 

Drop net S E 
Species list, spe-
cies richness per 
sample, abun-
dance ind. per 
m2, biomass g 
AFDW m-2 

m 
Direct detailed area spe-
cific sampling, common 
methods 

Requires divers, 
fast mobile spe-
cies escape, data 
quality depends 
on the experience 
of the person 
sampling 

Shrimp net V E 

Suction sampler S C 

Epibenthic sledge S C 

Net or plastic bag S/V C 

eDNA S C 

Species list, spe-
cies richness, 
presence/ ab-
sence data 

100 m to km 
Fast sampling, covers large 
areas to get a snapshot of 
community 

Expensive, quan-
tification uncer-
tain 

Ichthyofauna and 
large crustaceans 

Seine net S E Species list, spe-
cies richness per 
sample, abun-
dance ind. per 
m2, biomass g 
WW m-2 

100-1000 m 

Area specific sampling, effi-
cient capture of fast swim-
ming species, captures 
both demersal and pelagic 
fish 

Can be destruc-
tive in newly 
planted eelgrass, 
time consuming 
in the lab, can be 
difficult to use in 
deep eelgrass 
meadows 

Beam- or otter-
trawl S C 

Fyke net S/V E 

Species list, spe-
cies richness per 
sample, abun-
dance CPUE, bio-
mass g WW 
CPUE  

Day and night sampling, 
easy to deploy, effective at 
capturing most fish species 

Not area specific, 
maintenance re-
quired, risk of by-
catch of birds and 
mammals 

Gill nets S/V C 

Traps S/V C 

m Baited or un-
baited camera S C 

High-resolution video over 
longer periods, monitoring 
species abundance and 
length measurements 

Expert identifica-
tion needed, cali-
bration needed, 
limited coverage 
in turbid waters 

Visual census S C 
Species list, spe-
cies richness, 
abundance 

10-100 m 

Direct visual assessments, 
easy to use, cost effective, 
large area coverage 

Expert quantita-
tive data, no di-
rect sampling, 
limited by visibil-
ity 

eDNA S C 

Species list, spe-
cies richness, 
presence/ ab-
sence data 

100 m to km 
Fast sampling, covers large 
areas to get a snapshot of 
community 

Expensive, quan-
tification uncer-
tain 
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Nutrient Immobilization 
 

General overview of nutrient-related ecosystem functions in eelgrass 
Eelgrass beds enhance nutrient immobilization and export through three main processes: growth 
dependent uptake into the biomass, burial in the sediment, and stimulation of microbial denitrifica-
tion (Figure 9). 

Uptake into biomass consists of two sub-processes, which are quantified separately: 1) immobiliza-
tion in the standing biomass, and 2) temporary immobilization through continuous leaf production 
and shedding. The uptake and immobilization of nutrients in the eelgrass biomass reduces nutrient 
availability for epiphytes, phytoplankton and opportunistic macroalgae, supporting the development 
of a more stable ecosystem.  

The eelgrass biomass in Denmark reaches its minimum in winter (January–February) and its maxi-
mum in late-summer/early autumn (August-October). The winter biomass represents permanent 
storage, while the difference between winter and summer biomass reflects temporary immobiliza-
tion during the growing season. In addition, eelgrass continuously produces and sheds leaves 
throughout the growing season. These leaves decompose slowly, which results in temporary nutri-
ent immobilization and reduced turnover during this period. Overall, the accumulation of biomass 
during the growing season, combined with continuous leaf production, results in nutrient immobili-
zation at a time when it is most critical. Release occurs outside the growing season, when nutrient 
availability has less negative ecological impact. 

Burial in the sediment occurs through direct deposition of dead eelgrass biomass, including roots, 
rhizomes, and leaf fragments. Additionally, the eelgrass rhizomes and roots stabilize the seabed, 
while the leaf canopy reduces currents and wave action. This leads to decreased erosion of the un-
derlying sediment and increased accumulation of organic particles. Following eelgrass reestablish-
ment, a new state will eventually form, where the input and export of organic material to the sedi-
ment are balanced to a new equilibrium, which is higher than in the reference condition. At that 
point, no further net burial takes place. 

Microbial denitrification is stimulated by the presence of eelgrass, increasing the microbial conver-
sion of nitrate to atmospheric nitrogen (N₂). 

 

This section covers the recommended methods for quantifying the above-mentioned nutrient-re-
lated ecosystem functions. All methods require field sampling followed by subsequent laboratory 
analysis. Field sampling procedures are generally simple and can be conducted with little training 
and equipment. Subsequent laboratory analysis requires a higher level of expertise and equipment 
availability (table 11).  
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Figure 9. Conceptual diagram of the different processes governing nutrient immobilization within seagrass meadows.  

 

Immobilization in the Standing Biomass 
The best way to quantify nutrients in standing biomass is by area-specific harvesting of eelgrass 
biomass from the target bed, followed by laboratory analysis. In a large-scale restoration project 
this can be done annually to follow the development of the area-specific biomass, but to precisely 
estimate the magnitude of the ecosystem function sampling should preferentially be conducted 
both in August to October for a maximum value and during January to February for a minimum 
value. 

Fieldwork: Eelgrass is sampled from 10 quadrats of a defined size (e.g., 25x25 cm). Remove all 
living eelgrass material from the quadrat, both above (leaves) and below the sediment (rhizomes 
and roots). To ensure accurate division of the root zone, cut along the inside edges of the quadrat 
using a sharp knife (e.g., bread or insulation knife). The area is cleared using a rake or similar tool. 
Rinse the material on a coarse sieve to remove sand and bring it to the lab. 

Samples can be stored moist and refrigerated for a few days but should be processed as soon as 
possible to prevent decay of the eelgrass biomass. Especially the separation of living and dead be-
lowground biomass becomes more difficult the longer the sample is stored.  

Laboratory work: In the lab, remove any dead eelgrass material, as this is accounted for in sedi-
ment pool sampling. Separate the remaining living biomass into two categories: belowground (rhi-
zomes and roots) and aboveground (leaves). Place the material in pre-weighed aluminium trays 
and dry it at 60°C for at least 24 hours. Weigh the dried material to determine dry weight. 

After drying, samples can be stored long-term in sealed bags, as nutrients are preserved. To 
measure nutrient content, homogenize and grind the plant material using a plant mill at 30/s for 30 
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sec. The ground biomass is then analysed for nitrogen (N) and phosphorus (P). The nutrient con-
tent can be measured using various analytical methods and laboratory instruments, depending on 
the availability of the laboratory used.  

The relative nutrient composition (N:P:Dry weight) is used to calculate an area-specific nutrient 
pool (g m-2) in the biomass. Winter biomass (annual minimum) represents a permanent immobiliza-
tion, while the difference between winter and summer biomass represents temporary immobiliza-
tion during the growing season. These measurements can be linked to spatial coverage data from 
drones or aerial imagery, allowing for the estimation of the area specific realized ecosystem func-
tion. 

 

Leaf Production 

Few studies have quantified total leaf production and annual productivity of eelgrass. A Danish 
study from 1975 estimated annual biomass production to be 2.5 times the maximum standing bio-
mass in summer (Sand-Jensen 1975), though nutrient content was not measured. 

Various methods exist for quantifying eelgrass productivity. Some focus on leaf elongation, others 
on internode development. Here, we recommend the plastochrone interval (Pi) method (Short &  
Duarte 2001), as it supports replication across multiple shoots rather than focusing on individual 
ones, providing an accurate representation of growth and nutrient uptake across the bed. These 
methods are still being refined, and recommendations may be updated. 

 

Plastochrone interval  

The plastochrone interval (Pi) is the time it takes for a new leaf to form and is applicable across 
seagrasses and plants. This method assumes all new leaves grow to be the same size as the av-
erage fully developed leaf (the third-youngest leaf). Pi is determined by marking the sheath of an 
eelgrass shoot with a needle, puncturing all existing leaves. About a month later (It's important to 
ensure at least one Pi has passed), new, unmarked leaves can be counted to calculate Pi (Figure 
10). 
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Figure 10. Diagram of Pi marking on an eelgrass shoot and identification of new leaves (Short &  Duarte 2001). 

 

Field work: Two tasks must be completed in the field: 1) marking shoots with a 21 G (0.81 mm) 
needle (Figure 10), and 2) determining shoot density. The number of eelgrass shoots that are 
marked depends on capacity and resources. However, increasing replication across the bed im-
proves accuracy. A minimum of 10 eelgrass shoots from 3 locations is recommended. Ensure that 
all shoot size classes are equally represented by using frames to randomly select sampling areas. 
Mark the shoots with the needle (Figure 10) and mark the sampling locations for future retrieval so 
that the same eelgrass shoots can be found later. 

Within the sampling area, shoot density is determined using randomly placed frames of appropriate 
size, depending on shoot density. A minimum of 10 replicates is recommended. 

Allow at least one Pi to pass before harvesting the marked shoots; this varies with climate and sea-
son. In Denmark, one month is a good rule of thumb. Upon return, harvest the marked shoots and 
remeasure shoot density. When harvesting, ensure enough belowground material is collected—at 
least four internodes per eelgrass shoot. 

Laboratory work: In the lab: 1) count the total number of leaves per shoot and 2) count the number 
of new leaves based on which leaves have puncture marks. 

Divide each shoot into four fractions: 

• The third-youngest leaf (from sheath upward) 
• The fourth-youngest internode 
• Roots from the fourth-youngest root node 
• Leaf sheath 
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Place each fraction in pre-weighed aluminium trays and dry at 60°C for at least 24 hours. After dry-
ing, weigh to determine the dry mass. To calculate nutrient immobilization (N and P), grind the 
dried material in a laboratory mill and analyse the nutrient content using available laboratory meth-
ods.  

Calculations: Using lab data and equations from Jacobs (1979) and Short & Duarte (2001), area-
specific production can be calculated: 

 

Jacobs 1979: 

𝐿! =
𝐿𝑒𝑎𝑓	𝑝𝑟𝑜𝑑𝑢𝑐𝑡𝑖𝑜𝑛

𝑠ℎ𝑜𝑜𝑡 =
𝐴𝑣𝑔. 	𝑏𝑖𝑜𝑚𝑎𝑠𝑠	𝑜𝑓	𝑡ℎ𝑖𝑟𝑑	𝑦𝑜𝑢𝑛𝑔𝑒𝑠𝑡	𝑙𝑒𝑎𝑓

𝑃"
 

𝐿# =
𝐿𝑒𝑎𝑓	𝑠ℎ𝑒𝑎𝑡ℎ	𝑝𝑟𝑜𝑑𝑢𝑐𝑡𝑖𝑜𝑛

𝑠ℎ𝑜𝑜𝑡 =
𝐴𝑣𝑔. 	𝑏𝑖𝑜𝑚𝑎𝑠𝑠	𝑜𝑓	𝑎	𝑙𝑒𝑎𝑓	𝑠ℎ𝑒𝑎𝑡ℎ
𝐴𝑣𝑔. 	𝑛𝑢𝑚𝑏𝑒𝑟	𝑜𝑓	𝑙𝑒𝑎𝑣𝑒𝑠	𝑝𝑒𝑟	𝑠ℎ𝑜𝑜𝑡 ∙ 	𝑃" 

𝑅$ =
𝑅ℎ𝑖𝑧𝑜𝑚𝑒	𝑝𝑟𝑜𝑑𝑢𝑐𝑡𝑖𝑜𝑛

𝑠ℎ𝑜𝑜𝑡 =
𝐴𝑣𝑔. 	𝑏𝑖𝑜𝑚𝑎𝑠𝑠	𝑜𝑓	𝑓𝑜𝑢𝑟𝑡ℎ	𝑦𝑜𝑢𝑛𝑔𝑒𝑠𝑡	𝑖𝑛𝑡𝑒𝑟𝑛𝑜𝑑𝑒

𝑃"
 

𝑅% =
𝑅𝑜𝑜𝑡	𝑝𝑟𝑜𝑑𝑢𝑐𝑡𝑖𝑜𝑛

𝑠ℎ𝑜𝑜𝑡 =
𝐴𝑣𝑔. 	𝑟𝑜𝑜𝑡	𝑏𝑖𝑜𝑚𝑎𝑠𝑠	𝑜𝑓	𝑓𝑜𝑢𝑟𝑡ℎ	𝑦𝑜𝑢𝑛𝑔𝑒𝑠𝑡	𝑛𝑜𝑑𝑒

𝑃"
 

 

Short & Duarte 2001: 

𝐼𝑛𝑑𝑖𝑣𝑖𝑑𝑢𝑎𝑙	𝑠ℎ𝑜𝑜𝑡	𝑝𝑟𝑜𝑑𝑢𝑐𝑡𝑖𝑜𝑛	(𝑔	𝑑𝑤	𝑠ℎ𝑜𝑜𝑡&'	𝑑&') = GH𝐿! , 𝐿#, 𝑅$ , 	𝑅%J 

𝐴𝑟𝑒𝑎	𝑠𝑝𝑒𝑐𝑖𝑓𝑖𝑐	𝑝𝑟𝑜𝑑𝑢𝑐𝑡𝑖𝑜𝑛	(𝑔	𝑑𝑤	𝑚!"	𝑑!#) = 𝑖𝑛𝑑𝑖𝑣𝑖𝑑𝑢𝑎𝑙	𝑠ℎ𝑜𝑜𝑡	𝑝𝑟𝑜𝑑𝑢𝑐𝑡𝑖𝑜𝑛	 ∙ 	𝑠ℎ𝑜𝑜𝑡	𝑑𝑒𝑛𝑠𝑖𝑡𝑦 

 

Modified equation for calculation N/P immobilization through production, [N/P] is the relative con-
tent of N and P to dry weight, respectively: 

[𝑁] =
𝑔	𝑁
𝑔	𝐷𝑊 

𝐴𝑟𝑒𝑎	𝑠𝑝𝑒𝑐𝑖𝑓𝑖𝑐	𝑝𝑟𝑜𝑑𝑢𝑐𝑡𝑖𝑜𝑛	(𝑔	𝑁	𝑚&(	𝑑&') = GH(𝐿! + 𝐿#)[𝑁], (𝑅$ , +𝑅%)[𝑁]J ∙ 𝑠ℎ𝑜𝑜𝑡	𝑑𝑒𝑛𝑠𝑖𝑡𝑦 

 
Sediment stocks 
For measuring sediment nutrient stocks, the BACI (Before-After-Control-Impact) approach is rec-
ommended. Control sites serve as reference conditions and allow calculation of the developed 
ecosystem function. It’s recommended to take at least five sediment cores per sampling site. Site 
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selection is crucial, as sediment pools vary with local conditions. The control site should match the 
restoration site in sediment type (e.g., grain size), depth, and exposure. Avoid areas with thick shell 
or peat layers, as these can drastically impact results and make reference and restoration sites in-
comparable. 

 

Field work: Sediment cores are sampled using 
acrylic cylinders. The cores are pushed into the 
sediment and sealed with a rubber stopper to 
create a vacuum. The core is extracted and 
closed at the bottom using a secondary rubber 
stopper. The cores are pushed to a representa-
tive depth at which the ecosystem function is 
most apparent. Experience from SDU has 
shown that in shallow (1-2 m deep) eelgrass 
beds, the ecosystem function is mainly ex-
pressed in the top 10 cm of the sediment.  

During the collection and treatment of the core, 
compaction may occur, especially in soft organic sediments with high water content. Therefore, for 
each core, a compression factor of the sediment (Kf) is calculated. Kf is calculated as the sediment 
height inside the core (Si) divided by the sediment height outside the core (Su). However, these 
cannot be measured directly. Instead, the full length (Hk) of the cores must be measured and the 
outside height of the core from the top of the sediment (Hu). Once the core is extracted, the height 
from the top of the sediment inside the core to the top of the core (Hi) is also measured (Figure 11). 
The addition of a rubber stopper at the bottom of the core increases the height of the sediment 
within the core. Therefore, 1-2 cm of height must be added to Hi to calculate sediment height accu-
rately. The compression factor (Kf) can then be calculated by the formula:  

𝐾$ =
𝑆%
𝑆&
=
𝐻' −𝐻%
𝐻' −𝐻&

 

The core can be stored cold before further processing in the lab. To prevent oxygen depletion, the 
top stopper should be removed during storage. If measuring phosphorus (P), the samples need to 
be processed as fast as possible (within 1-2 days). 

 

Laboratory work: In the lab, remove surface water and, if present, large living fauna or flora. Slice 
cores into depth layers (e.g., 0–1 cm, 1–2 cm, 2-5 cm, 5-10 cm, etc.), adjusted for compaction (Kf). 
From each layer, take a subsample with a predefined volume (e.g., 5 mL), place it in a pre-weighed 
aluminium tray, weigh the material (wet bulk density), and dry it at 105°C for at least 24 hours, and 
weigh it (dry bulk density). Dry the remaining sediment similarly and mix with the density-subsam-
ple before further processing. After drying, the sediment samples can be stored dry in sealed bags 
as the nutrients have been fixed. 

After drying, grind the sediment in a plant mill at 30/s in 30 seconds. Use the ground sediment to 
measure loss-on-ignition (LOI), N, P, and Fe. For LOI, burn samples at 510°C for 5 hours. N, P, 
and Fe are measured using standard lab techniques, depending on available instruments. 

 

Figure 11. Measurements used in estimating the compac-
tion factor (Kf) during sediment core extraction.  
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Calculations: To calculate the area-specific effect of eelgrass on the nutrient content in the sedi-
ment, we need to summarize the effect across the different sediment layers. As mentioned, the ef-
fect of eelgrass on the nutrient content in the sediment is often limited to the top 10 cm of the sedi-
ment (i.e., the rhizosphere). The area-specific stock (g N/P m-2) for each layer is calculated based 
on nutrient content and bulk density. Here we multiply the bulk density (β), by the volume of the 
layer (V), the depth of the layer, and the relative nutrient content to dw ratio [N/P], and divide it all 
by the area (a) of the core: 

𝐿𝑎𝑦𝑒𝑟 =
𝛽 ∙ 𝑉 ∙ 𝑑𝑒𝑝𝑡ℎ	 ∙ [𝑁]

𝑎
 

This is done for each layer, and the bare bottom (BB) layers are subtracted from the eelgrass (Zm) 
layers. The difference is added together for all relevant layers to sum up the full area-specific eco-
system function (SedEF): 

 

𝑆𝑒𝑑() = (𝑍𝑚*!# − 𝐵𝐵*!#) + ⋯(𝑍𝑚+ − 𝐵𝐵+) 

 

Denitrification  
Eelgrass stimulates microbial conversion of nitrate to atmospheric nitrogen through denitrification, 
exporting nitrogen from the system (Zarnoch et al. 2017). This is enhanced by eelgrass roots intro-
ducing ammonium, labile organic material, and oxygen, which support coupled nitrification-denitrifi-
cation (McGlathery et al. 2007). The complex root zone creates microhabitats with diverse biogeo-
chemical conditions, strengthening the coupling between nitrification and denitrification and en-
hancing nitrogen export. 

Several methods exist for measuring denitrification, including acetylene assays, isotope pairing, 
and N2-argon flux. However, the complex root zone presents major measurement challenges. Rea-
gents and isotopes cannot be distributed evenly to replicate in-situ conditions. Additionally, many 
methods require sediment cores to be brought to the lab; as such, rhizomes and roots are cut and 
damaged, sediments are disturbed, and oxygen, light levels, and biogeochemical conditions are 
altered, compromising results. Furthermore, these are rate-based methods that reflect only short-
term processes. Estimating the actual ecosystem function requires extensive temporal replication.  

Given these limitations, no reliable method for quantifying this process is currently recommended. 
This guideline will be updated if a robust method is developed. 
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Table 11. Monitoring of the ecosystem function Immobilization and export of nutrients provided by eelgrass. The table highlights key parameters, data outputs, exper-
tise levels required (volunteer or specialist), the essential or complementary nature of methods, scale of application, timeframe, and associated strengths and weak-
nesses.  

Supporting ES 
Ecosystem func-

tion  
Indicator Parameter Methods Units 

Expertise level: 
Specialist (S) 
Volunteer (V) 

Essential (E) 
Complementary 

(C) 
Scale Timeframe 

Frequency Strength Weakness 

Immobilization 
and export of nu-

trients 

Immobilization 
in the standing 

biomass 

N & P Quadrat 

Nitrogen content in 
biomass (g N m-2) 

S E cm-m 
Yearly or bian-

nual after resto-
ration 

Ensures that the entire above-
ground biomass is included in 
the sample. 
Sampling area large relative to 
cores 

There is a risk of losing parts of 
the belowground biomass, as the 
sediment is not collected Phosphor content in 

biomass (g P m-2) 

N & P Sediment 
corer 

Nitrogen content in 
biomass (g N m-2) 

S C cm-m 
Yearly or bian-

nual after resto-
ration 

Ensures that the entire below-
ground biomass is included in 
the sample. 

There is a risk of losing parts of 
the aboveground biomass, as the 
corer potentially cut the leaves 
during sampling 
Small sampling area 

Phosphor content in 
biomass (g P m-2) 

Leaf production N & P Plastochrone 
interval 

Nitrogen content in 
biomass (g N m-2)  

S E Ind. 
Shoots 

Require monthly 
sampling. Sur-

veys conducted 
yearly or every 

second year 

The optimal method for obtain-
ing the highest number of repli-
cates, thereby ensuring the 
best possible representation of 
the bed 

Operates under the assumption 
that all leaves are based on the 
average leaf size (the third-
youngest leaf), so individual leaf 
growth is not accounted for 

Phosphor content in 
biomass (g P m-2) 

Sediment 
stocks N & P Sediment 

core liners 

Nitrogen content in 
biomass (g N m-2) 

S E cm-m 
Before restora-

tion 
Yearly hereafter 

Ensures that a fixed depth can 
be sampled and allows for sec-
tioning in the laboratory to ana-
lyse the content of individual 
layers 

There is no scientific consensus 
on the appropriate depth for col-
lecting sediment cores 
Small sampling area 

Phosphor content in 
sediment (g P m-2) 

Denitrification N - Denitrification rate (g 
N yr -1) S - - -  

No available methods can confi-
dently quantify the process in 
situ. 
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Immobilization of carbon 
Like all other plants, eelgrass absorbs CO₂ and uses it to produce sugars or to build structural tis-
sue. Parts of the aboveground—and especially the belowground—eelgrass tissue become buried 
within the bed and accumulate in the anoxic sediment layer, where microbial decomposition is 
slowed. As a result, a carbon stock develops, with decomposition occurring over many years. How-
ever, it is not only eelgrass material that can be buried—algae, fauna, and terrestrial plant material 
can also contribute to the carbon pool. As the bed matures, a new equilibrium is established in 
which carbon input and export are balanced. At this point, the pool represents a permanently in-
creased stock relative to unvegetated areas. 

From a climate perspective, the ecosystem service provided by eelgrass is defined solely as the 
carbon that can be directly identified as originating from eelgrass. Unidentifiable carbon is excluded 
from quantification, making the estimate conservative. For this reason, methods differ from those 
used for nutrient immobilization. Because only clearly identifiable eelgrass material is used, a refer-
ence site without vegetation is not required. 

Carbon storage is measured in two pools: 

 

Living biomass: Carbon is stored in the living eelgrass biomass. From a climate perspective, the 
minimum winter biomass (January–February) is used, as it represents the long-term, permanently 
stored pool. 

Dead biomass: Clearly identifiable dead eelgrass biomass within the eelgrass bed. 

 

Quantifying Carbon in the living Biomass 
Samples are collected when eelgrass biomass is at its minimum—in January or February. The 
sampling method follows the same protocol as described under ‘Immobilization in Standing Bio-
mass’ in relation to nutrient immobilization. 

Carbon can be quantified in the lab using a range of methods and instruments, depending on the 
available equipment at the local laboratory (table 12). 

 

 

Quantifying Carbon in dead biomass 
Field work 
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To retrieve biomass buried in the sediment, a vacuum-based sediment 
steel corer is used (Figure 12). 

In the field, 10 sediment core samples are taken. The corer is fully in-
serted, and the sediment is extracted, then sieved through a 1 mm 
mesh to remove sediment. Samples are transported to the laboratory 
and can be stored moist and refrigerated for a few days but should be 
processed as soon as possible to prevent decay of the eelgrass bio-
mass. Especially the separation of living and dead belowground bio-
mass becomes more difficult the longer the sample is stored.  

 

Laboratory work: In the lab, living biomass is separated from dead bio-
mass. The dead material is placed in pre-weighed aluminium trays 
and dried for 24 hours at 60 °C. The dry weight is then recorded. After 
drying, the material can be stored for an extended period before fur-
ther analysis.  

Carbon content can then be quantified using a selection of methods and instruments, depending 
on the equipment available at the local laboratory. 

 

Figure 12. Example of a vac-
uum-based hand-held sediment 
corer. 
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Table 12. Monitoring of the ecosystem function Immobilization of carbon provided by eelgrass. Table 11. Monitoring of the ecosystem function ‘Immobilization and 
export of nutrients’ provided by eelgrass. The table highlights key parameters, data outputs, expertise levels required (volunteer or specialist), the essential or comple-
mentary nature of methods, scale of application, timeframe, and associated strengths and weaknesses 

 

 

 

 

 

 

 

Supporting ES  
Ecosystem function Indicator  Methods Units 

Expertise level: Spe-
cialist (S) Volun-

teer (V) 

Essential (E) 
Complementary 

(C) 
Scale   Timeframe  

Frequency   Strength   Weakness   

Immobilization of car-
bon 

Immobilization in 
the standing bio-

mass   

Quadrat Carbon content in 
biomass (g C m-2)   S E cm-m Yearly 

(Jan-Feb) 

Ensures that the entire above-
ground biomass is included in 
the sample.  
Sampling area large relative to 
cores   

There is a risk of losing parts of the 
belowground biomass, as the sedi-
ment is not collected   

Sediment 
corer  

Carbon content in 
biomass (g C m-2)   S C cm-m Yearly 

(Jan-Feb) 

Ensures that the entire below-
ground biomass is included in 
the sample.   

There is a risk of losing parts of the 
aboveground biomass, as the corer 
potentially cut the leaves during 
sampling  
Small sampling area   

Dead eelgrass 
biomass 

Sediment 
corer 

Carbon content in 
sediment (g C m-2)   S E cm-m Yearly Sampling area large relative to 

cores 
No option to separate stocks ac-
cording to depth layers 
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Centerets hovedformål er at fremme en vidensbaseret imple-
mentering af marin naturgenopretning, med henblik på at 
styrke marine økosystemers modstandsdygtighed, økologi-
ske balance og en lang række økosystem tjenester i danske 
farvande.  


